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Abstract 

Developmental biology has traditionally relied on qualitative analyses; recently however, 

as in other fields of biology, researchers have become increasingly interested in acquiring 

quantitative knowledge about embryogenesis. Advances in fluorescence microscopy are 

enabling high-content imaging in live specimen. At the same time, microfluidics and 

automation technologies are increasing experimental throughput for studying multicellular 

models of development. Furthermore, computer vision methods for processing and 

analyzing bioimage data is now leading the way toward quantitative biology. Here, we 

review advancements in the areas of fluorescence microscopy, microfluidics, and data 

analysis that are instrumental to performing high-content, high-throughput studies in 

biology and specifically in development. We will provide a case study discussion on how 

these techniques have allowed quantitative analysis and modeling of pattern formation in 

the Drosophila embryo. 

  



1. INTRODUCTION 

Understanding how biological systems operate macroscopically (e.g. morphogenesis and 

behavior), and how this is governed by microscopic activities (e.g. gene expression and cell 

signaling) is a key goal throughout biology. There are many tools available that can be used 

to address these questions including direct observation of biological processes in living 

organisms, and to extract meaningful information from what is observed. So-called in vivo 

imaging uses fluorescence microscopy, and in recent years, significant advances in optical 

sectioning techniques have enabled imaging with high spatiotemporal resolution deep 

within intact tissues for high-content imaging. In parallel, engineers have been progressing 

microfluidics technology to enable high-throughput experimentation, and perform tasks 

that were simply not possible without microfluidic technology. Both high-throughput 

experimentation and high-content imaging can produce vast amounts of biological imaging 

data requiring the development of automated image processing and data extraction 

techniques. In this review, we want to highlight recent advances in the areas of: 1) 

fluorescence microscopy, 2) microfluidic and automation technology, and 3) image 

analysis software and computer vision as it pertains to developmental biology. This will be 

followed by a detailed discussion of a specific application wherein microfluidics-enabled 

high-throughput imaging enabled quantitative analysis of pattern formation in the 

developing Drosophila melanogaster (from here after referred to as Drosophila) embryo. 

At the end of this review, we hope to convince readers that integrated approaches that 

combine these techniques will open the door to quantitative developmental biology.  

 

 



2. FLUORSCENCE MICROSCOPY FOR IMAGING DEVELOPMENT 

Fluorescence microscopy, and specifically epifluorescence microscopy, has been the 

workhorse for imaging-based experiments in biology for hundreds of years. Currently 

epifluorescence imaging is commonly used, and suitable for addressing many questions in 

research areas such as behavior, neuroscience, and development. However, epifluorescence 

microscopy is often insufficient to spatially resolve features deep within the tissues of larger 

model organisms such as zebrafish and Drosophila embryos, or highly diffractive tissues 

such as cell aggregates. To improve spatial resolution, biologists turn to optical sectioning 

techniques such as confocal microscopy (1-4) and light-sheet microscopy (5-9).  

2.1. Confocal microscopy 

Confocal microscopy has been around for several decades, and there are many 

commercially available systems that make this technique one of the most commonly used 

method of optical sectioning. Confocal microscopy achieves optical sectioning through the 

use of a pinhole aperture that acts as a spatial filter to remove out-of-focus light and 

allowing only the in-focus light to pass through to the detector, which is typically a 

photomultiplier tube. In point scanning confocal microscopy a light source illuminates the 

whole specimen, and the final image is constructed by scanning the laser across the focal 

plane to build up the image pixel by pixel (Figure 1). Single-photon confocal microscopy 

is a powerful tool for acquiring high-resolution images deep within intact tissue, but still 

has limited imaging depth in highly diffractive tissues such as Drosophila embryos. Non-

linear optics (NLO), i.e. two-photon excitation, can alleviate some of the scattering issues 

associated with single-photon excitation, and enable deeper imaging within thick tissues 

(10). Many studies have utilized two-photon microscopy, and for brevity sake only a few 



will be highlighted here. McMahon et al. (11) used two-photon confocal microscopy in 

order to image ventral furrow formation, collapse, and subsequent mesoderm spreading in 

live Drosophila embryos. Two-photon excitation was used to image these processes at the 

anterior-posterior center of the embryo from laterally oriented embryos and track cell 

movements. In a similar application, Wang et al. (12) used two-photon excitation to monitor 

epithelial invagination during gastrulation in Drosophila embryos. In studies such as these, 

imaging volumes were limited to a subsection of the Drosophila embryo as the biological 

questions did not require whole embryo information. Studies that require rapid image 

acquisition, e.g. requiring whole-embryo imaging or monitoring highly dynamic processes, 

can turn to a faster form of confocal microscopy known as spinning disk. 

Spinning disk confocal microscopy improves the image acquisition rate by scanning 

multiple points simultaneously (Figure 1). Yet, there is still an issue of pinhole cross-talk 

that limits its use with highly scattering specimens. Recently, Shimozawa et al. (13) took a 

step in addressing these issues with spinning disk by eliminating pinhole cross-talk. 

Shimozawa and colleagues used a combination of increasing the inter-pinhole distance, and 

incorporating two-photon illumination in order to improve the spatial resolution attained 

during spinning disk confocal microscopy.  

Confocal microscopy is a widely available, and powerful tool for optical sectioning 

and imaging deep within highly scattering tissues. Furthermore, because of standard 

mounting methods (i.e. cover glass mounts), confocal microscopy is currently compatible 

with microfluidic technology (Figure 1), a key tool for integrated approaches aimed at 

high-content and high-throughput experimentation, which we will cover in subsequent 

sections. However, there are still drawbacks that limit its use. Specifically, image 



acquisition is a time consuming process when compared to epifluorescence microscopy. In 

addition, whole specimen illumination has the potential for photobleaching, and eliciting 

phototoxic affects that can negatively impact the development of live embryos and larvae 

during long-term imaging studies. A microscopy method that addresses these issues is light-

sheet microscopy. 

2.2. Light-sheet microscopy 

Light-sheet microscopy, while established over 100 years ago (14), is experiencing a 

revival recently with the ability to perform fluorescence light-sheet microscopy, and finding 

widespread use in studies of development (15-17). Much like confocal microscopy, light-

sheet microscopy is an optical sectioning technique that produces higher resolution images 

than epifluorescence microscopy and allows imaging deep within highly scattering tissues. 

Although the spatial resolution achieved via light-sheet microscopy is similar to that 

achieved with confocal, light-sheet offers many advantages over confocal microscopy. 

Light-sheet microscopy achieves optical sectioning by only illuminating specimens in the 

focal plane through the use of a “light-sheet” and then detecting the image 90o to the 

illumination axis (Figure 1). In this manner, a single image can be acquired like 

epifluorescence microscopy when using a real light-sheet, and whole volumes are obtained 

by moving the specimen through the light-sheet. As a result, image acquisition is much 

faster in light-sheet microscopy than confocal, while also limiting light exposure to a small 

section of the specimen at a time, which is ideal for long-term live imaging.  

Recent breakthroughs in light-sheet microscopy are improving the capabilities of 

these microscopes. In 2011, Truong et al. (18) combined light-sheet microscopy with non-

linear excitation for improved optical sectioning and increasing the imaging depth by 



twofold when compared with single-photon excitation. To similarly improve the spatial 

resolution achieved by light-sheet microscopy, Keller et al. (19) developed a digitally-

scanned light-sheet microscope that can incorporate structured illumination. This allowed 

Keller and colleagues to image the majority of cellular movements in developing 

Drosophila and zebrafish embryos. However, complete lineage tracing was not possible as 

image acquisition time exceeded the requisite 30 second imaging frequency to successfully 

track fast moving cells during development.  Further development of the technique by 

Tomer et al. (20) and Krzic et al. (21) showed that the use of two detection arms in light-

sheet microscopy can vastly improve imaging rates. These methods enabled whole-embryo, 

in toto imaging with high enough temporal resolution to allow individual cell tracking 

throughout Drosophila embryogenesis. Long-term imaging up to 20 hours was enabled by 

minimal photodamage imparted by these imaging methods on developing embryos. 

While the in-plane spatial resolution of the aforementioned microscopes are sub-

micron, there is still a resolution deficit along the imaging axis (z-direction) of these 

microscopes. Limited axial resolution in light-sheet microscopy is a result of sparse 

sampling and the relatively thick shape of conventional light-sheets in the z-direction (i.e. 

on the order of 5 µm). This is related to the fact that light-sheet microscopes employ 

Gaussian beams. Ultra-thin light-sheets of less than 0.5 µm are now possible through the 

incorporation of Bessel beams, which was first introduced by Planchon et al. (22). This 

allowed Planchon et al. to perform what they termed isotropic imaging as the axial 

resolution approached ~0.3 µm while imaging single living cells. A limiting factor to this 

microscope, however, was the fact that the scanning of the Bessel beam to form the light-

sheet limited the maximum allowable imaging rates. To improve upon this, Chen et al. (23) 



developed lattice light-sheet microscopy, which creates an optical lattice that essentially 

forms an array of Bessel beams that interact with one another and when dithered form a 

rapid scanning light-sheet. This microscope allowed Chen et al. to perform 4D super-

resolution microscopy with  high enough spatiotemporal resolution to track fast, nanoscale  

processes in living organisms that would otherwise be impossible to track. 

Fluorescence light-sheet microscopy has recently become commercially available 

through the development of systems such as the Lightsheet Z.1 platform developed by Carl 

Zeiss, and the OpenSPIM platform developed by Pitrone et al. (24). Developments such as 

these will enable widespread use of this these microscopy techniques in development and 

biology and general. With the ability to produce massive amounts of bioimage data, i.e. 10s 

of Terabytes and above, rapid microscopy techniques will ultimately place the bottleneck 

to research on image processing and data extraction. 

 

3. MICROFLUIDICS AND AUTOMATION FOR MANIPULATING MODELS OF 

DEVELOPMENT 

The use of microfluidic systems in studying biological phenomena has been expanding in 

recent years, and has been the subject of several reviews (25-27). These systems offer 

advantages such as parallelized experimentation and integration of automation tools for 

high-throughput experimentation. In addition, microfluidic systems can be the enabling 

technology that allows scientists to perform otherwise impossible experiments to address 

questions in biology that were difficult to answer. Microfluidic-enabled experimentation 

requires integration of software tools in order to: 1) automate microfluidic operation, and 

2) automate data mining and extraction methods.  Here, we will review some of the recent 



advances made in microfluidic and automation systems used for studying development in 

multicellular organisms including Drosophila, zebrafish, C. elegans, mouse, 3D cell 

culture, and plants.  

3.1. Drosophila 

The fruit fly Drosophila melanogaster is a commonly used model of development and 

behavior, and as such has been subject of previous reviews (28; 29). Drosophila is highly 

accessible genetically, which allows laboratories to house flies with virtually any gene 

mutant, knock-out, or reporter fusions making genotype-phenotype studies readily 

available. Furthermore, fruit flies exhibit a short developmental period (i.e. ~24 hours for 

embryogenesis, and ~10 days from fertilized egg to adult fly), which enables rapid and 

large-scale developmental studies that are extremely difficult in slower developing 

organisms such as mice. However, Drosophila can be difficult to handle for tasks such as 

imaging development and behavior, sorting, and microinjection. To address these 

limitations, several engineered microsystems have been developed to facilitate and 

automate tedious tasks that often limit experimental throughput. In addition, microfluidic 

devices have been developed to control the microenvironment in order to spatially (i.e. 

across individual animals) and temporally perturb development. Here, we will review some 

of the recent advances made in microfluidic systems used for studying Drosophila embryo 

and larvae development. 

3.1.1. Drosophila embryos 

Drosophila embryos are one of the most experimentally accessible models of 

embryogenesis, because fertilized embryos are deposited and develop in the environment. 

While accessing Drosophila embryos is easy, manipulating and preparing embryos for 



imaging is experimentally difficult. This is because Drosophila embryos are relatively 

small ellipsoids of approximately 200 x 200 x 500 µm, and conventional methods for 

handling embryos involve time-consuming manual manipulations. Engineered 

microfluidics systems have been developed to aid in tasks such as embryo sorting (30; 31), 

microinjection (32), arraying (33-35), and enabling experimental designs involving the 

spatiotemporal perturbation of embryo development by altering temperature locally to 

sections of the embryo (36-38), or concentration of chemical species such as 

methylmercury chloride (39), or oxygen around developing embryos (40). 

3.1.1.1. Microfluidic sorting of Drosophila embryos 

Drosophila is an excellent model for understanding molecular mechanisms of genetic 

networks, because of Drosophila’s fully mapped genome, and genetic accessibility (41). 

There are many essential genes, an estimated 3600 (42), that if knocked-out cause 

premature death. In studies aimed at understanding the molecular mechanisms of essential 

genes, geneticists utilize mutant strains, but the difficulty lies in sorting the 25% 

homozygous mutants from the rest of the population. Conventional methods require 

scientists to manually identify embryos of interest and manually isolate them from the rest 

of the population, which is a time-consuming process. To facilitate this process, Furlong et 

al. (30) developed a system similar to flow cytometers, which could sort fluorescently-

labeled Drosophila embryos. This system operates by using fluidics to distribute embryos 

along a flow path, so that a single embryo will pass through a fluorescence-based detector 

and sort embryos based on the absence or presence of fluorescence. In this case, Furlong 

and colleagues employed a magnetically driven valve that would open and close the fluid 

stream leading to a waste bin. When open, embryos would be sorted to “waste”, and when 



closed embryos would be sorted to “save”. The system engineered by Furlong et al. could 

automatically sort ~15 embryos per second requiring only pipetting of an embryo 

suspension to the inlet of the device. Today, there are commercially available systems 

produced by Union Biometrica, known as the Complex Parametric Analyser and Sorter 

(COPAS) that can be used to sort particles of up to 1,500 µm in diameter allowing its use 

with sorting Drosophila and zebrafish embryos. This system uses absence or presence of 

fluorescence to sort objects as well, but instead of using a magnetic valve, these systems 

use an air stream to blow away unwanted embryos before delivery to a multiwell plate. The 

COPAS system is an example of microfluidic technology that can be commercialized and 

implemented by other laboratories for high-throughput sorting. 

3.1.1.2. Microfluidics-assisted microinjection of Drosophila embryos 

Microinjection is another powerful technique used for the delivery of small molecules such 

as RNAi into developing embryos; yet it is technically challenging due to tedious hand 

manipulations required for conventional microinjection. Delubac et al. (32) constructed a 

microfluidic system with an integrated microinjector for automated microinjection of 

Drosophila embryos. The microfluidic device would automatically retrieve embryos from 

a reservoir, and deliver embryos to the microinjector by sheath flow. Embryos are 

punctured with a microneedle by flowing embryos into the microinjector rather than 

moving the injector into the embryo. A camera at the injection site automatically detects 

the presence of an embryo, sends a command to the microinjector for injection, and 

following injection the embryo is unloaded to a collection reservoir solely by fluid flow. 

Delubac et al. showed the viability of the system by injecting eGFP-expressing embryos 

with siRNA against eGFP. In this setup, Delubac et al. could inject one embryo every 3-4 



seconds (231 injected embryos after 14 minutes) with 90% successful silencing of GFP 

fluorescence. 

3.1.1.3. Microfluidic arraying of Drosophila embryos for imaging 

Dorsal-ventral patterning in Drosophila is one of the most well-understood and studied 

genetic networks, but is experimentally difficult to study due to tedious manual 

manipulation required for end-on imaging. Witzberger et al. (43) used confocal microscopy 

in conjunction with a custom built imaging slide to directly image ventral furrow formation 

in live Drosophila embryos via end-on imaging. The slide consisted of a fabricated well 

array, in which embryos were placed on either anterior or posterior pole (Figure 2). 

However, this method is technically challenging because it involves the manual placement 

of embryos into each well. Chung et al. (33; 34) developed a microfluidic embryo trap array 

that can automatically orient both live and fixed embryos for end-on imaging through the 

use of passive hydrodynamics (Figure 2). This system allowed orienting of several 

hundreds of embryos in a matter of minutes, and quantitatively established the dorsal-

ventral extents of genes involved in dorsal-ventral patterning. Levario et al. (40) developed 

a platform that integrates microfluidics, automated image processing and data extraction to 

quantitatively study the developmental response of Drosophila embryos to brief anoxia. 

This platform utilized an optimized microfluidic device for arraying 10s of live embryos, 

and used the microfluidic channels to deliver brief pulses of anoxia to developing embryos. 

Using this system, Levario and colleagues were able to quantitatively measure anoxia-

induced developmental delay and response kinetics. A similar microfluidic device was 

developed by Levario et al. (35) for automatic arraying of live Drosophila embryos with a 

lateral orientation for longitudinal studies of embryogenesis. All of the microfluidic arrays 



described here do not require the use of chemicals for immobilizing embryos, and 

immobilization is simply achieved by physical confinement within microfluidic traps, thus 

eliminating potentially harmful chemical effects. An in depth discussion about the use of 

the microfluidic embryo trap array and quantitatively studying the dorsal-ventral patterning 

system is found below as a case study. 

3.1.1.4. Microfluidic-enabled spatiotemporal perturbation of Drosophila embryogenesis 

One of the biggest advantages to utilizing microfluidics is the ability to perform 

experiments that are extremely difficult, or simply not possible without microfluidic 

technology. As mentioned above, Levario et al. used a microfluidic array to temporally 

expose live Drosophila embryos to anoxia, and continuously monitor the developmental 

responses in vivo during end-on imaging. Although manual manipulation to carry out this 

experiment may be possible, difficulties associated with stably orienting embryos with glue 

for end-on imaging and maintaining end-on orientation while blowing nitrogen gas over 

embryos would lead to low success rates and low-throughput that would make this an 

unattractive approach to such an experiment. In addition, the microfluidics approach can 

allow a precise control of timing and duration of exposure as well as the spatial patterns of 

the microenvironment.  

Spatially controlling the microenvironment is enabled by physical phenomena that 

occur at the micron-scale. Fluid flow in micrometer-sized channels is characterized by 

laminar flow fields as indicated by low Reynold’s Number. Laminar flow is described as 

fluid particles moving in “sheets” next to one another and exhibiting no convective mixing 

(Figure 3A). That means only diffusion exists along the axis perpendicular to the flow 

direction. Operating microfluidic devices with high Péclet Number (i.e. the ratio of 



convective mass/heat transport to diffusive mass/heat transport) allows stable step-changes 

and stable gradients in concentration or temperature to exist across microfluidic channels. 

Lucchetta et al. (36) developed a microfluidic device that can impose a temperature step-

change across a single embryo (Figure 3B), and found that embryos develop normally 

when anterior/posterior halves grow at different temperatures. The results suggested that in 

face of environmental perturbations, a simple reciprocal gradient system is not the 

mechanism for developmental robustness in anterior-posterior patterning. Lucchetta et al. 

(38) further used this experimental setup with a Drosophila strain expressing a Bicoid-GFP 

(Bcd) fusion and showed that a precise Bcd gradient is not necessary for normal 

development. In addition, it is suggested that a simple diffusion-established Bcd gradient 

could not account for robust anterior-posterior patterning. One of challenges associated 

with the system developed by Lucchetta et al. (36) is the manual mounting of single 

embryos within the microfluidic device. Dagani et al. (37) incorporated microfluidic self-

assembly in order to eliminate tedious hand placement of embryos within the microfluidic 

channel. 

3.1.1.5. Microfluidic integration with light-sheet 

One of the greatest challenges for microfluidic technologies is integration with light-sheet 

microscopy. Microfluidic devices commonly employ glass cover slips for the imaging side 

of the device, which would cause significant optical aberrations during light-sheet 

microscopy. Recently, McGorty et al. (39) developed an open-top selective plane 

illumination compatible microfluidic device, one of the first of its kind. The key to this 

breakthrough was the fabrication of a water prism that reduces optical aberrations that are 

caused by imaging through a glass cover slip at 45o. McGorty and colleagues were able to 



construct this water prism on the bottom sides of multiwell plates as well as microfluidic 

devices, which enabled imaging of Drosophila embryos and larvae, adult C. elegans, and 

zebrafish embryos with inverted selective plane illumination. Combining the water prism 

with a microfluidic gradient generator allowed McGorty et al. to expose developing 

embryos to different concentrations of methylmercury chloride, and continuously image 

several embryos in parallel throughout development via selective plane illumination. 

3.1.2. Microfluidics for immobilizing and imaging Drosophila larvae 

Drosophila larvae are great models of development as well as neuroscience owing to the 

fairly transparent appearance of the larvae, which allows direct imaging of biological 

processes. However, one of the biggest challenges associated with imaging Drosophila 

larvae is immobilization. Conventional methods use either glue or anesthetics to prevent 

larval locomotion (44), both of which have the potential to negatively affect biological 

processes under investigation.  Many research groups have developed microfluidic systems 

for physically confining Drosophila larvae for imaging unanesthetized animals. Yan et al. 

(45) constructed a microfluidic device that can Drosophila larvae through the action of a 

mechanical microcompressor. Integration of microfabricated glass channels allows fluidic 

access to specimens enabling on-chip perfusion during imaging. Using this system with 

two-photon confocal microscopy allowed Yan and colleagues to image E-cadherin 

dynamics in the eye imaginal disc in a live third instar larvae expressing an E-cadherin-

GFP fusion. 

 Incorporation of genetically-encoded calcium indicators with these microfluidic 

devices enables chemical-free imaging of neuronal activity. Ghaemi et al. (46) constructed 

two microfluidic devices, to immobilize third instar larvae expressing a pan-neuronal 



calcium indicator. Using these devices, Ghaemi and colleagues monitored neuronal 

responses to auditory stimuli and found that neuronal responses peak at 200 Hz. Ghannad-

Rezai et al. (47) developed two microfluidic chips for short-term imaging experiments (up 

to 1 hour), and long-term imaging experiments (up to 10 hours). Using these devices, 

Ghannad-Rezai and colleagues investigated the short-term and long-term in vivo cellular 

responses to neural injury. Mondal et al. (48) developed a microfluidic device for 

immobilizing Drosophila larvae expressing fluorescently-labeled mitochondria, and were 

able to monitor mitochondrial transport in unanesthetized animals. The advantages of using 

microfluidic devices with Drosophila larvae, as illustrated by the above systems, are 

elimination of time-consuming manual manipulation, and enabling chemical-free 

immobilization and imaging. 

3.2. Zebrafish 

Zebrafish embryos and larvae are other common models of developmental biology, and 

besides fundamental studies are extensively used in the fields of drug discovery, molecular 

toxicity, and therapeutics (49; 50). Zebrafish are fairly simple vertebrates with transparent 

appearance making it possible to directly image developmental processes in vivo. The 

ability to image individual embryos throughout time is an important requirement for 

longitudinal studies such as drug discovery, and generally involves physical segregation of 

embryos using multiwell plates to track individuals across time. Consequently, these types 

of studies suffer from conventional, low-throughput liquid handling techniques such as 

manual pipetting and serial dilution. To address these issues several groups have developed 

microfluidic devices to chemically perturb zebrafish embryos with drugs (51-56), ethanol 

(57), hypoxia (58), and anti-angiogenics (59; 60); as well as devices for monitoring whole-



brain activity (61), metabolic activity (62; 63), phenotyping (64), and studying mechanical 

effects on embryo development (65). 

3.2.1. Microfluidic arrays for studying zebrafish embryos and larvae 

One of the most common microfluidic designs for manipulating model organisms as well 

as zebrafish embryos and larvae are microfluidic arrays (51-57; 59; 60; 62; 63). Similar to 

conventional array formats (e.g. multiwell plates), microfluidic arrays allow scientists to 

parallelize experimentation and data collection from many specimen simultaneously, while 

also offering spatial registration to track individuals throughout time. However, the 

advantage of utilizing microfluidic arrays is the ability to automate several processes. For 

example, microfluidic arrays can enable automated perfusion of the microenvironment 

obviating conventional liquid handling tasks that involve time-consuming, manual 

pipetting. Furthermore, microfluidic arrays offer the ability to customize experimental 

setups and integrate modules such as gradient generators (51; 52; 55; 56), temperature 

control (66), or on-chip chemical sensors (62; 63) for increased functionality. The primary 

goal in engineering microfluidic array formats is to arrive at fully automated systems that 

enable unsupervised experimentation and data collection. Such a system requires the 

integration of microfluidic technology as well as automation software, which is a 

characteristic for many of these engineered microfluidic platforms. 

3.2.2. Microfluidics for specialized applications involving zebrafish 

Microfluidic devices can be engineered for specific applications to address questions that 

are difficult or even impossible to answer without microfluidic technology. For example, 

Behrendt et al. (65) fabricated an agarose-based tube to mechanically deform zebrafish 

embryos in order to show that cable-constriction motors are not essential for epiboly 



movements during zebrafish embryogenesis, and that flow-friction motors are sufficient to 

drive this process. Erickstad et al. (58) developed a microfluidic device that can immobilize 

unanesthetized zebrafish larvae for brightfield imaging, and temporally expose larvae to 

varying degrees of hypoxia. Lin et al. (61) developed a similar device to chemically perturb 

zebrafish larvae with various pharmaceuticals, and utilized transgenic lines expressing 

calcium indicators in order to perform real-time recording of neural activity within the brain 

and body. More recently, Pardo-Martin et al. (64) developed an integrated system for high-

resolution imaging of zebrafish larvae. This utilized a combination of microfluidic 

manipulation and imaging of zebrafish larvae, and custom built phenotypical classifying 

algorithms to identify drug-induced phenotypical alterations. This is an example of a 

successful system, which integrates advanced microscopy, microfluidic-enabled 

automation, and autonomous data extraction techniques for high-throughput, high-content 

experimentation. 

3.3. C. elegans 

The nematode C. elegans is another widely used model system. C. elegans has a fully 

mapped genome as well as a relatively simple nervous system of 302 neurons and a fully 

mapped connectome (67; 68). Microfluidic systems have been developed for studies of 

neural development (69; 70) as well as nerve degeneration and regeneration (71-73), aging 

(74-77), embryogenesis (78; 79), and screening/sorting applications (80-84).  

3.3.1. Microfluidics-enabled rapid phenotyping and sorting 

Many successful systems utilize a combination of microfluidics-assisted manipulation and 

imaging, and custom built software for automated data extraction for rapid phenotyping. 

Several approaches were developed (71; 72; 80; 81) for high-throughput screening and 



sorting of larval and adult C. elegans. The advantage in sorting speed is offered by the 

automated handling of specimens through microfluidic control, and obviates time-

consuming manual manipulation. Chung et al. (81) incorporated computer vision tools for 

automated, real-time phenotyping of adult C. elegans synaptic features, which enabled 

unsupervised screening that could be performed 100x faster than manual screening methods 

(69) (Figure 4). Important to point out here again is the distinction between microfluidic 

automation software, and data analysis software, both of which are important to the success 

of these systems.  

3.3.2. Microfluidics-assisted laser axotomy 

A common technique used in studying nerve regeneration and degeneration is laser 

axotomy wherein neurons are cut via laser ablation, and subsequent 

degeneration/regeneration is monitored by in vivo live imaging. This technique is time-

consuming, because of the difficulty with which it is to orient and immobilize animals for 

laser microsurgery. Typically, this is aided by anesthetics to immobilize specimen; 

however, this is not ideal as anesthetics could likely affect the degeneration/regeneration 

process. Guo et al. (71) developed a microfluidic device to immobilize larvae for on-chip 

laser axotomy using mechanical restraints, and found that axonal regeneration occurs more 

rapidly than previously known. Samara et al. (72) utilized a similar microfluidic-enabled, 

laser axotomy approach in a drug screen to find small molecule enhancers of regeneration. 

This approach allowed a faster screen than manual methods, and from a library of ~100 

molecules identified several chemicals that significantly alter neural regeneration.  

3.4. Microfluidic systems for studying other models of developmental biology 



In addition to systems constructed for Drosophila, zebrafish, and C. elegans, there for have 

been microfluidic devices developed for manipulating other models of development such 

as mouse embryos (85-90), cell aggregates (91-95), and plants (96). Esteves et al. (89) 

developed a microfluidic device for in vitro culture of pre-implantation mouse embryos 

that were subsequently transferred in utero, and could achieve birth rates comparable to 

conventional pre-implantation culture methods. Occhetta et al. (95) developed a 

microfluidic system to form cell aggregates on-chip, culture cell aggregates on-chip, and 

deliver defined concentrations of morphogens for directed-differentiation on-chip. Busch 

et al. (96) developed the RootArray, a microfluidic device that could grow 64 Arabidopsis 

thaliana seedlings, and allow time-lapse imaging of root development on-chip. All of the 

methods outlined above show the wide range of applications that can be addressed with 

microfluidic technology, and enable high-throughput experimentation across several 

models of developmental biology. 

 

4. IMAGE ANALYSIS SOFTWARE AND COMPUTER VISION FOR 

DEVELOPMENTAL BIOLOGY 

High-content, high-throughput research in development, and biology in general, depend 

upon the development of computer software tools for high-throughput data analysis. With 

advancing fields of fluorescence microscopy and microfluidics-based experimentation, the 

bottleneck in many cases now shifts to image processing and data extraction. Over the past 

decade there have been significant developments in the area of open source bioimage 

processing and analysis software such as Fiji (97), ICY (98), CellProfiler (99), 

BioImageXD (100), BigDataViewer (101), V3D (102), and CARTA (103) to name a few. 



There are several great reviews that focus on software for data visualization in biology that 

we highly recommend for readers interested in a more in depth review of the subject matter 

and a more comprehensive list of available software (104-108). An important consideration 

in data analysis software is generalizability, which refers to the ease with which a particular 

software can adapt to different applications. Here, we want to focus on bioimage data 

extraction methods that specifically relate to cell lineaging (109-112), the concept of virtual 

embryos (113-116), and computer vision-based phenotyping (69; 117-119). 

4.1. Automated cell lineaging 

A major challenge in developmental biology is the imaging and tracking of all cells in entire 

developing embryos throughout all of embryogenesis. Part of the problem is related to 

acquiring 4D imaging data with high enough spatiotemporal resolution to see all cell tracks. 

The other part of the problem has to do with reconstructing cell tracks throughout 

development. This is conventionally attained by manual annotation, which is a 

painstakingly slow process. Bao et al. (111) developed STARRYNITE to analyze 4D 

confocal imaging data of developing C. elegans embryos and construct cell lineage trees 

up to the 350-cell stage of development in 25 minutes. The invariant cell lineages exhibited 

in C. elegans development allows straightforward identification of the same cell across 

individuals, and straightforward comparisons of lineage phenotypes. However, this is made 

more difficult in more complex organisms such as Drosophila and zebrafish, which likely 

exhibit heightened cell lineage variability in addition to the relative increase in embryo size 

and cell numbers. Recently, Amat et al. (112) developed an open-source computational 

framework for segmentation and tracking of cell lineages from large-scale fluorescence 

microscopy images. The generalizability of the software allows analysis of bioimage data 



sets of several model organisms (e.g. Drosophila, zebrafish, and mouse) acquired from a 

variety of microscopy techniques including confocal and light-sheet. The software is user-

friendly requiring only the adjustment of 2 parameters for analyzing all data sets, which 

allows this type of software to be easily adopted by other laboratories.  

4.2. Virtual embryos 

Another challenge for developmental biology is comparing whole-embryo development 

between individuals. A virtual or digital embryo, which is an idealized, average embryo 

that can represent all embryos of the same genotype raised in the same environmental 

condition can be used for this issue (Figure 5A). Creating virtual embryos is a challenge in 

of itself, because of inherent developmental variability exhibited throughout development. 

Fowlkes et al. (113) constructed a spatiotemporal atlas of gene expression patterns in the 

Drosophila blastoderm, which was built upon a virtual embryo. By creating a virtual 

embryo, Fowlkes and colleagues could capture average gene expression patterns by 

removing inter-embryo variations in morphology, and gene expression. The purpose of this 

method is to establish gene expression networks, and Fowlkes and colleagues showed that 

they could recover already known gene interactions from the virtualized map, and predict 

hundreds more. Murray et al. (120) built upon the STARRYNITE software in order to 

automatically map spatiotemporal gene patterning throughout C. elegans embryogenesis, 

and enabled comparisons between lineage phenotypes. Virtual Brain Explorer (ViBE-Z) 

was developed by Ronneberger et al. (115) for automated mapping of gene expression 

patterns observed in zebrafish larval brains, and can automatically identify anatomical 

locations for registration. One of the main goals of these projects is to enable direct and 

easy comparison between embryos to uncover the effects of particular genes, drugs, and 



environmental conditions on the development of entire embryos. Kobitski et al. (116) 

constructed a digital zebrafish embryo, and used it to compare the developmental 

phenotypes between wildtype embryos and mutants. Kobitski and colleagues found that the 

one-eye pinhead (oep) mutant shows abnormal development several hours prior to any 

phenotypic alterations can be seen by eye. 

4.3. Computer vision for automated phenotyping 

Interpretation of bioimage data is conventionally performed by manual inspection (i.e. seen 

by eye) and sufficient in many cases especially when obvious changes in phenotypes are 

observed. However, experimental results in developmental biology are often noisy, because 

of inherent developmental variability across individuals of a population. This makes 

manual data interpretation difficult. In this area, computer vision can be used to extract 

useful information from bioimage data and “see” what is not easily seen by eye. For more 

detailed information regarding computer vision in biology readers can refer to the following 

reviews (121; 122). Computer vision has been applied to many studies of biology, but has 

been more extensively used in studies of individual cells and tissues (118; 119; 123). For 

example, Yin et al. (117) used support vector machines in a RNAi screen for automated 

classification of cellular phenotypes, and identification of genetic regulators of cell 

morphology and the cytoskeleton. The application of computer vision-based classification 

and data analysis to multicellular organisms is more limited, and primarily used for 

automating cell lineaging as outlined above. Recently, Crane et al. (69) integrated computer 

vision with microfluidics-based screening to perform autonomous genetic screening for 

genes involved in synaptogenesis during C. elegans development. Crane and colleagues 

developed a computational platform for image segmentation, feature extraction, and animal 



classification based on extracted features (Figure 5B). Computer vision is useful in these 

cases, because tasks such as whole-animal classification can be performed based on non-

obvious phenotypic descriptors. Bioimage classification such as this is ubiquitous in 

imaging-based studies of biology, and as a result computer-vision based analysis should 

find widespread use in the near future. 

 

5. QUANTITATIVE ANALYSES AND MODELING- A CASE STUDY ON PATTERN 

FORMATION 

Microfluidic devices enable systematic studies of multiple processes in developing 

embryos. One of the most extensive applications of microfluidic approaches was 

demonstrated in the quantitative analysis of pattern formation in the early Drosophila 

embryo, a leading system in molecular studies of embryonic development (33; 124-130). 

The early Drosophila embryo is a syncytium, a system in which nuclei divide 

synchronously in the common cytoplasm. After 13 synchronous divisions, which 

corresponds to ~2 hours after egg activation, most of the nuclei are arranged in a two-

dimensional layer under a common plasma membrane (Figure 6A). The 3rd hour of 

development is marked by dynamic patterning of this spatially uniform arrangement of 

nuclei. During this time, nonuniform expression patterns are established for hundreds of 

zygotic genes. To a first approximation, these patterns can be assigned to two broad 

categories: anteroposterior (AP) and dorsoventral (DV) (Figure 6B-D). With a 

microfluidics device that helps end-on imaging of Drosophila embryos, we were able to 

image DV cross-sections as shown in Figure 7A-D. Here we focus on the DV patterns and 



discuss how microfluidics-based studies were used to test the regulatory mechanisms 

proposed for the emergence of these patterns.  

The emergence of the AP and DV patterns reflects the action of maternally provided 

inductive signals, established by distinct symmetry breaking events during oogenesis. The 

asymmetries come in two forms: as localized mRNA inside the egg and as localized 

biochemical modifications of the extracellular matrix surrounding the oocyte (131). The 

DV patterning system relies on the second type of asymmetry. In this case, signaling events 

within the developing egg result in the modification of the extracellular matrix side of the 

oocyte. Upon egg activation, this modification induces the localized production of Spätzle, 

a ligand that activates the Toll receptors, which are uniformly distributed along the plasma 

membrane of the embryo. Locally activated Toll signals through the highly conserved NF-

κB pathway and leads to the spatially nonuniform nuclear import of Dorsal (Dl), an NF-κB 

transcription factor that initiates spatially nonuniform gene expression along the DV axis 

(Figure 6D, 7B) (132). Nuclear Dl triggers DV patterning by directly binding to the 

regulatory regions of these target genes, some of which then go on to work together with 

Dl to generate patterns of increasing complexity.  

The DV patterning system has been studied extensively since the discovery of the 

graded distribution of nuclear Dl (133-135). These studies led to the core model for the DV 

patterning network, in which a broad, ventral-to-dorsal, gradient of nuclear Dl serves as an 

essential input that controls gene expression both directly and through transcriptional and 

cell signaling cascades. This model was established in studies with mutants with altered 

levels of Toll signaling, gene reporter assays, transcriptional profiling experiments, and 

post-genomic approaches, including genome-wide analysis of DNA binding of Dl and its 



co-regulators (136; 137). These studies provided a starting point for the formulation of a 

quantitative model that could explain how a single graded input leads to the formation of 

dozens of distinct gene expression domains, all of which are established within a very short 

time window of about one hour.  All of these patterns take the shape of ventral, lateral, or 

dorsal stripes that span a significant fraction of the AP axis of the embryo. Three of these 

stripes, each equal to ~1/3 of the system size, are shown in Figure 7C. Another stripe, with 

a much narrower width, is shown in Figure 7D. Microfluidic array for end-on imaging of 

Drosophila embryos facilitated the visualization of the spatial distribution of the DV 

patterning genes along the DV axis (124). 

What controls the position and widths of different expression domains (Figure 7E)? 

The first set of mechanisms relies of direct transcriptional control by Dl, which can act both 

as an activator and as a repressor, depending on the composition of the regulatory sequence 

of a target gene. For instance, the dorsal border of short gastrulation (sog) and ventral border 

of the expression of zerknullt (zen) almost coincide and are located at ~2/3 of the entire 

domain (33). Experiments with the transcriptional reporters for these genes strongly suggest 

that both of these borders reflect their direct control by Dl: direct activation in the case of 

sog and direct repression in the case of zen (138). These results imply that the Dl gradient 

is sufficiently long-ranged to directly control its target genes at this point along the DV 

axis. Is this actually the case? Answering this question requires quantitative information 

about the dorsal gradient along the entire DV axis. This information has been provided by 

studies in which dozens of embryos have been oriented vertically in the microfluidic device, 

enabling statistical analysis of the spatial distribution of nuclear Dl (33). In one of statistical 

tests, we determined the position at which the mean value of nuclear Dl becomes 



indistinguishable from the background level, defined as the value of nuclear Dl at the 

dorsalmost position in the embryo. Based on this test, this position is located at ~2/3 of the 

DV axis, which is in close agreement with the value suggested by the expression domains 

of sog and zen (Figure 7F).  

In addition to working as a direct regulator of its target genes, Dl controls them 

through a number of intermediates. For example, direct effects of high levels of nuclear Dl 

at the ventral side of the embryo induce the expression of Snail (Sna), which represses a 

number of Dl-target genes. One of these genes is sog, which is broadly induced in the 

ventral 2/3 of the embryo. In the ventral 1/3 of the embryo, however, sog is repressed by 

sna, which defines the ventral border of the sog expression pattern (Figure 7C,G). A 

similar mechanism, based on direct activation by Dl and ventral repression by Sna, controls 

a number of Dl-target genes that are expressed in lateral stripes. The ventral borders of 

these stripes coincide but the position of the dorsal expression borders varies greatly 

(Figure 7E). What accounts for these gene-to-gene variations in the dorsal expression 

borders of Dl-target genes?  

An early model suggested that these differences can be explained by differences in 

the number and/or strengths of Dl binding sites within the regulatory regions of different 

genes activated by Dl (139). The feasibility of this model was demonstrated in experiments 

in which the number and strength of Dl binding sites was changed within the same 

regulatory element. Subsequent studies, however, revealed that real mechanisms are 

combinatorial in nature and depend on the joint of effects of Dl and other transcription 

factors (126; 140). One of these factors is Zelda (Zld), a Zn-finger transcription factor that 

plays a key role in the initiation of zygotic gene expression in the embryo (141). Zld is 



distributed uniformly within the embryo and controls gene expression by direct and specific 

binding to regulatory regions of hundreds of genes, some of which are controlled by Dl.  

Analysis of the distribution of the Zld binding sites within the enhancers of Dl-target 

genes along the DV axis led to a revised model for the quantitative control of their 

expression domains. According to this model, proximally located binding sites for Dl and 

Zld can lead to cooperative binding of the two factors (Figure 7H). As a result, the 

occupancy of the Dl binding sites in different enhancers is controlled not only by the 

number and strengths of these sites, but also by the number, strength, and position of the 

binding sites for Zld (Figure 7I). Experimental tests of this model relied on the quantitative 

analysis of the expression domains of the Dl target genes as well as the expression of the 

transcriptional reporters with the altered number of Zld binding site (126). It was essential 

to monitor transcriptional activity throughout the entire DV axis. This was readily 

accompanied in microfluidic devices with vertically oriented embryos.  

The model based on the combinatorial effects of graded and uniform factors made a 

number of clear predictions. First, the widths of the lateral expression stripes should be 

significantly reduced in the absence of Zld. This was consistent with the results of previous 

experimental studies with embryos lacking maternally provided Zld. Figure 7J 

demonstrates this effect for the expression domain of sog, which is contracted in the most 

dramatic way (126). Second, the model predicts that changing the number of Zld binding 

sites within enhancers of Dl target genes can change the width of their expression patterns: 

reducing the expression domain in response to removal of Zld binding sites and expanding 

the expression domain in response to addition of extra Zld binding sites. This prediction 

was confirmed experimentally, using enhancers of two genes with different wild type 



expression patterns (128). Furthermore, the model predicts that the presence of Zld binding 

sites within the enhancers of Dl target genes increases their occupancy by Dl. This 

prediction was also confirmed experimentally (128).  

All of the mechanisms described so far were based on transcriptional cascades 

triggered by a single extracellular input, the activation of the Toll receptors. In these 

mechanisms, response to the Dl gradient does not depend on additional signals and 

interactions between cells within the patterned systems. Such mechanisms can account for 

the formation of relatively broad domains, but a number of Dl-target genes, including the 

intermediate neuroblasts defective (ind), are more narrow (Figure 7D). Genetic studies of 

the DV system established that, in addition to the purely cell-autonomous transcriptional 

cascade downstream of Dl, the expression of ind also depends on extracellular signaling 

mediated by the highly conserved Epidermal Growth Factor Receptor (EGFR) (142). EGFR 

signals through the extracellular signal regulated kinase (ERK) pathway, which has been 

implicated in tissue patterning across species, from planaria to mammals (143-145). In most 

of the studied developmental contexts, ERK is activated by locally produced extracellular 

ligands and controls gene expression by phosphorylating transcription factors (146).  

The same mechanism works during the control of ind. In this case, transcriptional 

cascade downstream of nuclear Dl leads to the localized expression of rhomboid (rho), 

which encodes a ligand-releasing protease within the Drosophila EGFR pathway. Locally 

expressed rho controls localized secretion of short-ranged EGFR ligands which activate 

ERK signaling, leading to the phosphorylation of a transcriptional repressor of ind (147; 

148). At the same time, ind is activated by broadly distributed Zld and Dl (Figure 8A,B). 

Transcriptional relief of ind by the ERK pathway is realized in cells expressing rho and 



their neighbors, but ind is expressed only on one side of the rho-expression domain, 

reflecting the effects of ventrally localized repressors (130; 149). 

What aspects of ERK signaling are important for ind expression? Is it the amplitude 

of ERK signaling, its duration, a time integral of ERK activation, etc? Similar questions 

can be posed for in countless developmental systems patterned by locally activated ERK 

signals. Surprisingly, the answers to these questions are unknown, mainly because of 

experimental difficulties with detailed spatiotemporal analysis of ERK signaling in 

developing tissues. Using microfluidics-based imaging assays, we could provide a clear 

answer to these questions for the ERK-dependent expression of ind (130). In these 

experiments, fixed embryos were stained to reveal the spatial distribution of rho and ind 

mRNA and ERK phosphorylation. These spatial patterns were then ordered in time, using 

an imaging processing algorithm that matched the morphology of fixed embryos to 

snapshots from live imaging of morphogenesis (Figure 8C). Each of the fixed snapshots 

of rho, ind, and active ERK could be timed with precision of ~3 minutes, providing an 

unprecedented view of ERK signaling dynamics in a developing tissue (Figure 8D).  

Detailed analysis of timed snapshots in both the wild type and mutant embryos 

revealed that active ERK works as a simple switch: ind is induced after ERK activation 

crosses a critical threshold. Beyond this threshold dynamics of the ERK pathway appears 

to be irrelevant. In addition to providing the first high resolution view of developmental 

dynamics of ERK, this work established a powerful experimental system which can be used 

to explore how this highly conserved signaling pathway is controlled by multiple 

components involved in signal transmission downstream of ligand-activated receptor 



tyrosine kinases, such as EGFR (130). In our current experiments, we are using 

microfluidics-based imaging to address this question.  

Quantitative analysis of pattern formation by protein gradients requires 

characterization of the gradients and their effects on target genes in a large number of 

embryos, at multiple time points, and in multiple mutant backgrounds. Using combinations 

of microscopy, microfluidics-based imaging, and quantitative image analysis tools, we 

performed large-scale analysis of the pattern formation in early Drosophila embryos. We 

provided statistical analysis on the spatial range of Dl morphogen gradient and the DV 

border of its target genes for the first time. We tested direct effects of combinatorial gene 

regulation between Dl and Zld. Lastly, we were also able to provide the first high resolution 

view of developmental dynamics of the ERK-mediated ind regulation, which is also 

indirectly regulated by Dl. Further development of imaging and microfluidics-aided 

techniques will allow an access to better understanding of the spatial and temporal gene 

expression patterns and regulatory mechanisms not only in Drosophila, but in other 

organisms as well.   

 

6. CONCLUSION AND OUTLOOK 

Integrated approaches that combine advanced microscopy techniques, microfluidic and 

automation technologies, and computer-vision are vital for the progression of quantitative 

biology. A key challenge for integrated systems is the combining of fluorescence light-

sheet microscopy with microfluidic technologies. Ultimately, this requires an optically 

uniform imaging axis, because any slight deviation in refractive index between the imaging 

solution and microfluidic device results in significant optical aberrations. Widespread use 



of microfluidic technologies in biology depends on the development of user-friendly device 

designs as well as user-friendly automation software. Keeping microfluidic devices as 

simple as possible is key, which determines how simple or complex the automation 

software will be for operation. High-content imaging and high-throughput experimentation 

in biology enabled by fluorescence microscopy and microfluidic technologies ultimately 

place the bottleneck of experimental throughput on data analysis, and requiring 

incorporation of computer-vision techniques for automated data extraction. Integrated 

approaches incorporating fluorescence imaging, microfluidics, and computer-vision will 

enable high-throughput quantitative biology, and widespread adoption of these approaches 

will be facilitated by the development of simple, user-friendly, and generalizable 

microfluidic devices, and automation software. 
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FIGURE CAPTIONS 

 

Figure 1 

(a-c) Comparison of laser scanning confocal microscopy (left column), spinning disk confocal 

microscopy (middle column), and light-sheet microscopy (right column). (a) A schematic of the 

x,y-z plane cross section of a sample being imaged via 3 microscopy techniques. Blue represents 

illumination light, green represents emitted fluorescence, yellow represents biological sample, and 

black dotted line represents focal plane. Note: light-sheet microscopy illuminates only part of the 

specimen in the focal plane. (b) A schematic of the x-y plane cross section of a sample being 

imaged via 3 microscopy techniques. Laser-scanning requires the scanning of a single point to 



construct an image. Spinning disk requires the scanning of multiple points to construct an image. 

Light-sheet microscopy with a real light-sheet does not require laser scanning. (c) A schematic of 

the x,y-z plane cross section of a biological sample being immobilized in a microfluidic device 

and imaged via 3 microscopy techniques. Gray represents top side of microfluidic device, usually 

polydimethylsiloxane, and purple represents the bottom imaging side of a microfluidic device, 

usually a glass cover slip. Light-sheet microscopy illuminates and detects at 45o to the glass cover 

slip which causes unwanted optical aberrations. 

 

Figure 2 

(a) End-on imaging of a Drosophila embryo via (i) manual orientation using glue (brown), (ii) 

manual placement into agar wells as described by Witzberger et al. , and (iii) using a microfluidic 

device for automated orienting and immobilizing Drosophila embryos for end-on imaging as 

described by Chung et al. (33). Yellow represents the Drosophila embryo, gray represents top side 

of microfluidic device, usually polydimethylsiloxane, and purple represents the bottom imaging 



side of a microfluidic device, usually a glass cover slip. (iv-vi) Fluorescence images acquired via 

laser-scanning confocal microscopy of an end-on oriented embryo depicting (iv) histone-GFP, (v) 

Dorsal (Dl), and (vi) merged fluorescence. (b) (i) Optical micrograph of the microfluidic embryo 

trap array described in Levario et al. (40) with channels filled with green dye, and (ii) close-up of 

boxed-region in (i) depicting the features of the microfluidic embryo trap array. 

 

Figure 3 

(a) A schematic diagramming laminar flow. (i) 3D representation. Gray represents top side of 

microfluidic device, usually polydimethylsiloxane, and purple represents the bottom imaging side 

of a microfluidic device, usually a glass cover slip. Adjacent “sheets” of fluid are depicted by 

individual colors (red, blue, yellow, green, and orange) indicating that during laminar flow fluid 

moves past each other like individual sheets. (ii) A cross section of the x-y plane. Convective 



transport in the y-direction dominates the diffusive transport in the x-direction thereby allowing 

individual “sheets” or colors of fluid to flow past each other without mixing. (b) A 3D (i) and x-y 

cross section (ii) schematic of the experiment developed by Lucchetta et al. (36) that used a 

microfluidic device to expose a developing Drosophila embryo to a temperature-step. This was 

achieved by merging hot and cold fluids in a microfluidic channel, and the step-change is 

maintained via laminar flow and high Péclet number.  

 

Figure 4 

(a) A schematic of using physical confinement to immobilize physiologically active C. elegans 

without the need for anesthetics or glue. Yellow represents an individual C. elegans, gray 

represents top side of microfluidic device, usually polydimethylsiloxane, and purple represents the 

bottom imaging side of a microfluidic device, usually a glass cover slip. (b) (i) Optical micrographs 

of a dye-filled microfluidic device for sorting C. elegans as described by Chung et al. (81). (ii) 

Close-up of boxed region in (i). Red represents the flow channel where C. elegans are located, 

green represents control layer with on-chip valving to control fluid flow in the red channel, and 

blue represents the cooling channel that is used to cool C. elegans for immobilization during 

imaging. 



 

Figure 5 

(a) Schematic diagramming concept of virtual embryo. (i) Depicts a wild type embryo starting at 

two cell-stage (red and yellow nuclei, blue cytoplasm), proceeding through a cellular division and 

ending at the four-cell stage. (ii) Depicts an embryo that phenotypical deviates from wild type as 

a result of a perturbation, and the deviation is spatial in characteristic as indicated by daughter cells 

incorrectly being spatially located in wrong areas within the embryo. (iii) Depicts an embryo that 

phenotypical deviates from wild type as a result of a perturbation, and the deviation is temporal in 

characteristic as indicated by the delayed nuclear division, yet daughter cells attaining the expected 



spatial locations within the embryo. (b) Flow-chart diagramming the use of computer-vision for 

bioimage classification and automated phenotyping. (i) Diagram of two embryos depicting a wild 

type phenotype and one that deviates from wild type. (ii) Computer-vision can be used to extract 

features about the bioimage that can be used in (iii) a classification scheme that, in this case, can 

automatically distinguish wild type embryos from non-wild type based on features and cloud 

association. Note: The schematic depicts obviously different phenotypes, but computer-vision 

becomes powerful when subtle phenotypic changes are present. 



 

Figure 6 

(a) A lateral surface view of early Drosophila embryo (~2.5hr after fertilization) stained with nuclei 

marker, DAPI. Nuclei are uniformly arranged in the periphery of an embryo. The embryo is 

positioned with its anterior side to the left and the dorsal side on top. (b) Embryo stained with AP 



patterning genes, knirps (kni) and tailless (tll). (c) Embryo stained with DV patterning genes, 

decapentaplegic (dpp), short gastrulation (sog), and snail (sna).  (d) Nuclear Dorsal gradient 

controls the DV patterning of the embryo.   

 

Figure 7 

(a-d) Optical cross-sections of early Drosophila embryos can be obtained by using the microfluidic 

embryo trap-array (33). From a uniform sheet of nuclei (grey) (a), a graded signal (Dorsal – 

magenta) (b) is induced to subdivide the embryo into three parts, each of which will become future 

muscle (snail – blue), nerves (sog – green), and skins (dpp – orange), in concentration dependent 

manner (c). Each of this section can be specified even further by a secondary signaling. For 



example, ind (cyan) (d) is expressed within the future nervous system region, to induce specific 

cellular fate of intermediate neuronal stem cells. (e) Nuclear Dl gradient directly or indirectly 

establishes the gene expression borders along the dorsoventral (DV) axis of embryos. (f) Average 

nuclear Dl gradient along the DV axis (n=23). The arrow represents the estimated range of nuclear 

Dl gradient. The errorbar represents to the standard error of the mean. (g) Mean sog expression 

profile along the DV axis (n=68). Dashed lines indicate the 99% Bayesian confidence interval. 

The arrow indicates the estimated range of sog expression (0.66). (h) Schematic of the gene 

regulation model by the graded (a) and the uniform (b) signal. (i) Gene expression domains change 

with respect to changes in the binding affinity and the cooperativity between the two factors shown 

in (e). (j) Expression of sog nascent transcripts in wild type and in zelda-/- embryos along the DV 

axis. The sog expression level is lower, and the expression boundary is narrower in zld-/- embryos. 

Figure 1g is modified from (150), and 1H-J are modified from (126). 



 

Figure 8 

(a) A lateral view of early Drosophila embryo stained for nuclei (DAPI – grey), dpERK (red), and 

ind mRNA (cyan). (b) Gene regulatory network that leads to the induction of ind. (c) Optical cross-

sections of embryos stained for DAPI, dpERK, and ind mRNA are ordered in time (0min 

corresponds to the onset of nuclear cycle 14, ~2hr after fertilization). The arrows indicate the 

position where the signal was extracted for quantification in (d). (d) Dynamics of rho, dpERK, and 

ind expression in the cell where ind is being expressed (arrows in (c)). rho is expressed first, and 

the expression level decreases over time. ERK is activated as a pulse ~40min after the onset of 

cycle 14, and then ind is induced in a switch-like manner, shortly after ERK activation. Figure 2a, 

c, d are modified from (130). 



 

 


