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Abstract
Although many of the molecular mechanisms that regulate tissue assembly in the embryo have
been delineated, the physical forces that couple these mechanisms to actual changes in tissue form
remain unclear. Qualitative studies suggest that mechanical loads play a regulatory role in
development, but clear quantitative evidence has been lacking. This is partly owing to the complex
nature of these problems – embryonic tissues typically undergo large deformations and exhibit
evolving, highly viscoelastic material properties. Still, despite these challenges, new disruptive
technologies are enabling study of the mechanics of tissue assembly in unprecedented detail. Here,
we present novel experimental techniques that enable the study of each component of these
physical problems: kinematics, forces, and constitutive properties. Specifically, we detail advances
in light sheet microscopy, optical coherence tomography, traction force microscopy, fluorescence
force spectroscopy, microrheology and micropatterning. Taken together, these technologies are
helping elucidate a more quantitative understanding of the mechanics of tissue assembly.
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Introduction
For centuries scientists have sought to determine how complex biological structures are
sculpted from the raw material of a single cell, a process termed morphogenesis1.
Understanding how tissues are assembled in the developing embryo yields insight for
translational fields as varied as tissue engineering and pediatric medicine. Tissue engineers
seek to design and construct artificial tissues in culture and thereby recapitulate
morphogenesis in the laboratory2. Clinicians, meanwhile, work to prevent and treat
congenital disorders, conditions that often arise in neonates as defects of form:
morphogenesis gone horribly and catastrophically awry. A neural tube fails to close and
causes spina bifida1; an esophagus errantly connects into the windpipe and produces
esophageal atresia3.

Since the revolutionary discovery of the structure of DNA by Watson and Crick in 19534,
scientists have primarily worked to characterize the biochemical signals that underlie tissue
assembly in the embryo1. This important work has helped elucidate the vast signaling and
gene regulatory networks that pattern the early embryo and drive the differentiation of
organ-specific cell types5, 6. Morphogenesis, however, necessarily involves mechanical
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forces7, and the physical mechanisms which link molecular signals to actual deformations in
the embryo remain largely unclear. Moreover, it is evident that mechanical forces not only
mold embryonic tissues, they also play a crucial regulatory role during development8-10.
Cells actively modify and respond to their physical microenvironment. Yet how forces are
coordinated within an intact tissue, how cells sense and respond to physical cues, and how
mechanical loads regulate cell behavior and gene expression remain open questions11. These
problems are unavoidably complex, but significant early progress has been made by
quantifying some of the mechanical forces that drive tissue morphogenesis, both in the
embryo12-15 and in culture16, 17.

Continuum mechanical approaches† have given insight into the physical behavior of
biological systems across length scales ranging from the level of cytoskeletal proteins to the
level of the tissue18. Importantly, each continuum mechanics problem consists of three sets
of governing equations19, 20:

• Kinematics: the deformations experienced by a material (Fig. 1A);

• Equilibrium relations: the balance‡ of mechanical forces acting upon (and within) a
material (Fig. 1B);

• Constitutive properties: the experimentally determined relations that couple
deformations to applied loads for a material under specific conditions (Fig. 1C).

Here, we consider novel disruptive technologies that have revolutionized each of these
areas, and thus our ability to characterize the mechanics of tissue assembly. Specifically, we
describe (i) new imaging technologies that allow quantification of the kinematics of
morphogenesis, (ii) microscopy techniques which enable the dynamic measurement of
forces in intact cells and tissues, and (iii) microrheological methods that permit non-invasive
characterization of the viscoelastic behavior of biological materials. Lastly, we consider how
each of these techniques might be employed to study tissue assembly in the context of three-
dimensional (3D) micropatterned tissues – yet another disruptive technology which offers
unprecedented control of the tissue microenvironment.

Imaging the kinematics of tissue assembly
Developing organs and tissues arise from simple primordia such as tubes or sheets. These
elementary structures are then elaborated into more complex forms as cells proliferate,
rearrange, and change shape. The ability to quantify the kinematics of these deformations is
largely constrained by the extent to which they can be observed. Imaging morphogenesis
within intact embryos, however, is extremely difficult21. When observations are conducted
over extended periods of time, fluorescent reporters can photobleach or cause phototoxicity.
As embryos get larger (and thicker), it becomes progressively more challenging to resolve
deeper tissues. In addition, intact mammalian embryos are notoriously difficult to culture ex
vivo, especially at the later stages relevant for organogenesis, which leaves one with the
daunting task of imaging morphogenesis in utero. Still, despite these obvious challenges,
promising new imaging technologies including light sheet microscopy (LSM) and optical
coherence tomography (OCT) are making 4D kinematic studies of tissue assembly possible.

First developed to study colloid chemistry22, 23, LSM illuminates a planar section of the
imaging sample, which is then scanned through space to create a 3D reconstruction. This

†In a continuum mechanical framework, any discrete material structures are lumped into continuous field properties, and the material
is treated as a continuum of particles. It is thus assumed that the deformations of interest occur at length scales sufficiently greater than
that of any discrete material structure.
‡During morphogenesis inertial effects are negligible. The problem is treated as quasi-static, and the sum of all forces is taken equal to
zero. Importantly, equilibrium relations are satisfied both locally (i.e. at any given material point) and globally in the material.
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generates high-resolution images at high speed (175 million voxels per second for multiview
LSM) and minimizes photodamage to cells and tissues24. As a result, 3D reconstructions of
entire embryos can be captured quickly (the imaging time for a Drosophila embryo is
approximately 30 seconds24, 25), which makes LSM a promising tool for kinematic studies
of tissue assembly. Quantifying morphogenetic deformations, however, involves tracking of
fiducial tissue markers, such as adherent polystyrene microspheres or fluorescently labeled
cells26. Since embryos typically undergo large changes in shape, sequential images must be
captured with high temporal resolution to reliably track the motion of markers in time.

Imaging whole embryos using LSM was first demonstrated in fixed specimens27, but was
later extended to living zebrafish embryos expressing fluorescent reporters28, 29 (Fig. 2A).
Since then, investigators have generated cell lineage maps for entire Drosophila
embryos24, 25. If these lineage data are also used to quantify morphogenetic deformations
during embryogenesis15, 30, it can be determined whether or not embryos undergo conserved
tissue-level shape changes in the presence of significant cell lineage variability.

This kinematic description of embryogenesis also enables a more physical understanding of
mutant phenotypes. The effects of specific mutations can be quantified by determining how
mutant kinematics deviate from deformations observed in wild type embryos – differences
that may not be discernable by morphology alone. In addition, considering entire embryos
makes it possible to identify physical interactions between tissues that might be missed if a
particular organ system or developmental event were considered in isolation. Lastly, global
patterns of cell motion in the embryo could also be correlated with spatiotemporal changes
in gene expression31, 32, which might identify new (non-intuitive) sources of progenitor cells
during tissue assembly.

Alternatively, OCT has also been used in 4D studies of morphogenesis. Originally
developed by Huang and colleagues33, OCT uses optical reflectance to generate 2D cross-
sectional images which can be assembled into 3D reconstructions. Conveniently, however,
OCT does not require fluorescent reporters and is readily available from commercial
vendors. Moreover, since fluorescence is not used, timelapse OCT experiments are not
accompanied by some of the imaging complications associated with fluorescence
microscopy (e.g. photobleaching, phototoxicity, etc.).

Several studies have used OCT to characterize the kinematics of tissue assembly.
Polystyrene microspheres, adherent to the surface of embryonic tissue, can be tracked in
time and used to quantify the deformations associated with cardiac looping in the early
chicken embryo (Fig. 2B-C)34. This technique, however, is limited to measuring surface
deformations alone§ – and only in embryos that are readily accessible to manipulation.
Moreover, surface beads can be sheared off when tissues come into contact and slide past
one another, which can introduce artifacts in the analysis. Interestingly, however, OCT can
also be used to also quantify the kinematics of fluid flow during development: for instance,
both particle image velicometry (PIV)35 and the Doppler shift36 have been used to study
hemodynamics of the early embryonic heart.

Still, using either of these imaging modalities, computational image analysis is required to
track the 4D displacements of multiple fiducial markers. Although commercial image
processing software is available (e.g. Imaris, Volocity), custom image segmentation or
tracking algorithms are often necessary. The details of such analyses are nuanced and
complex, and spatial constraints preclude a detailed discussion of them here. The interested

§Unless microspheres are somehow injected ballistically into deeper tissues.
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reader, however, is encouraged to consult excellent reviews on the subject by Megason and
Fraser21, Roeder and colleagues37, and Short and colleagues38.

Regardless of the image analysis used, tissue deformations can be extracted from the motion
of tracked markers using continuum field theory20, 39. For solid-like materials, a Lagrangian
description of the deformation (or strain) field is typically used. In this case, the strain tensor
E characterizes the deformation at each point in the tissue, and is computed with respect to a

known reference configuration (Fig. 1A) by , where the deformation
gradient tensor F maps the undeformed differential position vector dR into the deformed
vector dr by dr = F· dR, and I represents the identity tensor. Alternatively, for fluid-like
materials, an Eulerian description is employed and a tensorial description of the deformation
rate is typically used**. Depending on the timescale of interest, biological tissues can exhibit
solid-like or fluid-like behavior, so care must be taken when choosing an appropriate
framework for quantifying the observed deformations.

Dynamically measuring forces in epithelial cells and tissues
During morphogenesis, tissues are assembled through the work of physical forces40. For
mature tissues, these forces can be measured directly by macroscopic mechanical testing41

or estimated indirectly by measuring the deformations around punched circular holes42.
Both in the embryo and in the lab, however, tissue assembly occurs on much smaller length
scales, and new tools are required to measure mechanical stress†† in these situations44.
Recently, however, the advent of techniques such as traction force microscopy (TFM) and
fluorescence force spectroscopy have made it possible to dynamically measure mechanical
forces and stresses inside living cells and tissues.

TFM was first implemented by using the deformations of flexible substrata to estimate the
traction stresses exerted by adherent cells in culture45. This approach was inherently
interdisciplinary – cell culture meets elasticity. In these initial experiments, Harris and
colleagues used the wrinkling of thin silicone films to estimate the traction stresses exerted
by a variety of cell types, but could do so only qualitatively46. The mechanics of buckling
films are complex and often involve large deformations47, which significantly complicates
the problem of using the wrinkled geometry of the substratum to compute the traction
forces‡‡. Moreover, the spatial resolution of this initial technique was limited to the buckled
wavelength of the thin film, and the wrinkles themselves were confined only to regional
zones of compression.

Owing to these limitations, TFM was extended by embedding beads in the thin film and
applying in-plane tensile stresses to prevent buckling48. Deformations could then be
measured by tracking the motion of the embedded beads49, 50. If the mechanical properties
of the substratum were known, a linear elastic framework could be used to construct a map
of the cellular traction stresses51-53. Importantly, since a unique set of discrete traction
forces does not exist for a given (surface) deformation of the film, regularization techniques
were required to compute the most likely distribution of forces52. Substratum stiffness could
be tuned by varying the amount of cross-linking within the synthetic gel46, 54, and
investigators were able to quantify some of the mechanical forces involved in the
locomotion of single migratory cells in culture (Fig. 3A).

**detailed description of these theoretical issues can be found in Chapter 3 of Taber (2008).
††Strictly speaking, mechanical stresses cannot be measured directly, since stress is a purely mathematical construct – a tensorial
quantity that represents a force acting over a particular reference area19, 20. For more on this, the interested reader should consult J.D.
Humphrey's fantastic perspective piece on stresses and strains in cells and tissues43.
‡‡Although Harris and colleagues46 did attempt to do so experimentally.
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Alternatively, single cells have also been cultured on arrays of flexible microfabricated posts
of silicone rubber to compute the exerted traction forces55-57. This assay has been used to
precisely control the surface chemistry and contact area presented to adherent cells. In
addition, computation of the resultant traction forces is made decidedly more straight-
forward§§. Still, the theoretical framework used in these calculations typically assumes that
posts are slender and undergo small deflections59, which is often not the case for microposts
made from silicone rubber60. In such cases, a more sophisticated analysis, which accounts
for the effects of shear and/or large deformation, is required to more accurately estimate the
traction forces60. In addition, the effect of substratum warping at the base of the micropost
must often be considered61.

In each of these cases, analysis is restricted to individual cells in two dimensions. Recent
work, however, has extended TFM to three dimensions by analyzing the 3D deformation
field of the substratum during 2D cell culture62-65 (Fig. 3B). Although calculating the full
3D deformation field requires sophisticated tracking algorithms66, doing so abrogates the
need for regularization, and computational approaches such as the finite element method can
be used to calculatethe resultant traction forces65.

Others have also extended TFM to study the collective motion of groups of cells in 2D
culture (Fig. 3C)67, 68, and, intriguingly, collectively migrating cells have been shown to
move along principal stress directions – a behavior that arises from physical interactions
between the cells67. In addition, investigators have recently moved TFM into fully 3D
culture models and calculated the forces exerted by both single cells (Fig. 3D)69 and
engineered epithelial tissues (Fig. 3E)70 in these more physiologically relevant
environments.

Still, TFM only measures forces at the boundary of cells and tissues, not the internal forces
transmitted within and between them (Fig. 1B). To probe these internal forces directly,
exciting new progress has been made with fluorescence force spectroscopy inside living
cells. This technique combines single-molecule fluorescence resonance energy transfer
(FRET) with optical tweezers to determine the forces required to deform flexible linker
domains within molecules71, 72. These force probes have been primarily used to quantify
biomolecular interactions in vitro, including protein folding events and movement of motor
proteins (Fig. 4A). Recently, however, the probes have been expressed in cultured cells73

and used to measure the mechanical forces across individual molecules within focal
adhesions74 (Fig. 4B) and adherens junctions75, 76 (Fig. 4C). Intriguingly, Grashoff and
colleagues used a FRET biosensor, which relied on a spider silk-derived, nanospring linker
domain77, to calculate the forces across vinculin during focal adhesion assembly74. They
reported a force of approximately 2.5 pN in stable focal adhesions, and demonstrated that
stabilization was dependent on both force transmission and vinculin recruitment, processes
that were regulated by separate mechanisms74.

Ectopically expressed force probes such as these offer distinct advantages over other force
probes, like atomic force microscopy, that must be connected mechanically to a measuring
instrument73, since they can probe molecular-level forces inside living cells. Still, there is
some uncertainty in how they might be calibrated78 – a process that is typically done in
vitro. Whether the force readouts in a carefully controlled in vitro environment are
representative of those in the complex environment of living cells is unclear. Moreover, it is
assumed that deformations within the FRET force probes are purely one-dimensional, e.g.
linear tension or compression (e.g. Fig. 4A). Any significant deflection or bending of the
flexible linker domain in vivo would complicate direct readout of the force.

§§E.g. simple Eulerian beam theory is often used.58
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Despite these questions, endogenous FRET-based force sensors offer enormous potential to
measure how forces are transmitted inside living cells. Integrating these techniques with
TFM might also reveal how intrinsic and extrinsic forces are coordinated between the
intracellular and extracellular environments.

For the first time, advances such as these have made it possible to rigorously quantify the
mechanical forces exerted and experienced by cells. It is well established that cells and
tissues actively respond to their physical microenvironment, but quantitative descriptions of
the feedback mechanisms that underlie this response are lacking. Armed with these tools,
however, new quantitative study of these problems is possible.

Probing the viscoelastic response of biological materials
Forces and deformations are coupled through the mechanical properties of a material (Fig.
1C). For typical engineering materials, mechanical properties are determined experimentally
using specialized testing equipment such as a rheometer. Importantly, these experiments
often require rather large samples (compared to the length scales relevant for tissue
assembly). In addition, biological materials change over time, so new methods capable of
characterizing the evolving mechanical properties of small biological samples are needed79.
To meet this goal, microrheological techniques have emerged as intriguing candidates to
probe the viscoelastic properties of biological materials on these small length scales.

Microrheology uses the motion of microscopic particles (∼0.1-1 μm in diameter) to
characterize the bulk viscoelastic properties of a material80. In general these properties are
frequency-dependent, and the nature of the mechanical response is determined by how
quickly the material is deformed. Importantly, the tracer particles probe the material
response at the same length scale at which cells physically encounter their
microenvironment. This is of particular relevance since many biological materials (e.g.
collagen gels) undergo nonaffine deformations – that is, deformations at the microscopic
level which are distinct from those that occur at a global (or macroscopic) level81. These
effects are not captured by many traditional mechanical tests which fail to account for
microstructural remodeling during deformation.

Broadly, microrheological techniques fall into one of two classes – active or passive. Active
methods use external forces such as magnetic fields82 or optical tweezers83 to drive particle
motion84. Conversely, passive microrheology relies on the thermal excitation of probe
particles at equilibrium, and no external physical loads need be applied to the material. This
technique was first developed by Mason and Weitz85, who used the generalized Stokes-
Einstein equation to relate the average mean squared displacement (MSD) of probe particles
embedded in a soft material (see Fig. 5A for example MSDs) to the complex viscoelastic
shear modulus (Fig. 1C). In these initial experiments, the MSD was measured by diffusing
wave spectroscopy86, which measured probe motion averaged over a material volume85, 87.
Unlike traditional rheology, passive microrheology effectively measures a broad range of
frequencies simultaneously and probes only the linear viscoelastic behavior of the
material80.

Particle-tracking microrheology later enabled investigators to compute local material
properties from the motion of individually tracked beads (Fig. 5B), as opposed to the “bulk”
or averaged motion captured by diffusing wave spectroscopy88. This made it possible to
compute spatial heterogeneities within a single sample80, 89. Moreover, two-point
microrheology, which measures the cross-correlated motion of different beads as a function
of the distance between them (Fig. 5C), was developed to characterize the macroscopic
behavior of materials that are inhomogeneous on the length scale of the probe particles
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themselves90, 91. Owing to these material inhomogeneities, one-point microrheology often
fails to capture the viscoelastic properties measured by bulk rheometry (Fig. 5D)92.

These innovations are particularly useful for biological materials (such as networks of
cytoskeletal or extracellular matrix (ECM) fibers), which are typically small, heterogeneous,
and highly viscoelastic89, 93-95 (Fig. 5D). Only since the invention of microrheology has it
been possible to characterize the mechanical properties of these materials at the micrometer
length scale. Passive microrheology, however, is constrained to the study of extremely soft
materials. Although this technique (conveniently) uses thermal energy to deform the
material84, there are practical limits to resolving the thermal motion of the probe particles.

For instance, in a purely elastic material, the MSD  plateaus
with increasing lag time τ and follows the relation84

(1)

where the brackets denote an average over all times t, G is the elastic shear modulus, a is the
spherical probe diameter, kB is Boltzmann's constant, and T is temperature. For 1- μm-
diameter particles embedded in a purely elastic material with G = 1 Pa, we would estimate
particle fluctuations of approximately 30-40 nm at room temperature, which may be lower
than the resolution of most imaging methods.

The power of passive microrheology, however, lies in its ability to simultaneously measure
both local and global material behavior within an individual specimen. Thus, a wealth of
information can be gleaned from a very small amount of sample, which is especially
important for biological materials that are either expensive or difficult to isolate in large
volumes80.

Applied to living cells, active microrheological techniques have suggested that cells in
culture behave like a soft glassy material near a glass transition96. Meanwhile, passive
measurements in developing C.elegans embryos have indicated that the cytoplasm exhibits
more liquid-like behavior97. Although these methods enable non-invasive analysis of the
mechanics of living cells, passive results must be interpreted carefully. For instance, the
generalized Stokes-Einstein relation assumes that the system is in equilibrium80, which
generally is not the case inside the cytoplasm. Still, these tools offer unprecedented access to
probing the mechanical responses of cellular and sub-cellular structures.

Micropatterned tissue assembly: bringing it all together
Over the last decade, it has become increasingly clear that cells and tissues adaptively
respond to cues from their biochemical and physical microenvironment98. Much of this
insight has come from interdisciplinary work that uses the techniques of soft lithography to
generate micropatterned tissues of defined geometry in culture. In these assays, elastomeric
stamps are fabricated and used to print proteins99 or self-assembled monolayers100 in
defined shapes onto 2D surfaces which support cell adhesion101, 102 (Fig 6A-B). These
patterned adhesive islands offer unprecedented control of tissue geometry, which has been
shown to regulate cell proliferation103, differentiation104, and apoptosis105, 106 in culture.

Given this spatiotemporal control of the tissue microenvironment, micropatterning assays
are particularly well suited to investigate the physical cues that direct tissue assembly in
culture. These techniques enable the testing of questions that are currently intractable using
native tissues.
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Recently, micropatterning approaches were extended to create 3D engineered tissues of
defined geometry in type I collagen gels (Fig 6C)107. Elastomeric stamps were used to mold
wells of defined geometry in 3D collagen gels, and cells seeded into these cavities formed
organotypic tissues108. Using this technique, engineered mammary epithelial tubules have
been shown to branch at locations determined by the micropatterned tissue geometry107.
Moreover, these branching sites were defined by spatially controlled gradients in both
morphogen signaling107 and mechanical stress16, 70.

Using many of the disruptive technologies outlined above, this work could be extended to
estimate how evolving patterns of mechanical stress regulate branched tissue assembly (Fig.
7). LSM would circumvent the phototoxicity issues that attenuate branching, yet still resolve
the 3D morphology of the branching tubules as well as the structure of the surrounding
collagen network. Microrheological approaches could be used to assess how spatial
variations in the mechanical properties of the gel arise during branching. If the gel is too
stiff, however, active methods such as optical tweezers may be necessary. In addition, FRET
force sensors for vinculin or cadherin (or other molecules) could be expressed in these
tissues to determine dynamic forces across focal adhesions or adherens junctions in
extending branches. Alternatively, force probes inserted into the surrounding ECM
proteins109 would enable FRET-based TFM. Experiments such as these would further
advance our understanding of the role that mechanical feedback plays in branched tissue
assembly.

Conclusions
Disruptive technologies fundamentally alter how scientific problems are perceived, and
often transform the manner in which they might be studied. Such techniques often arise
serendipitously – some entirely by chance (e.g., Oliver Smithies' invention of starch-gel
electrophoresis110), others by a clever repurposing of things found in nature (e.g., green
fluorescent protein111, GFP). The discovery of GFP, for instance, paved the way for live
imaging of fluorescently tagged proteins, which ushered in new era of molecular cell
biology. Unobservable cellular mysteries all at once made visible.

The field of mechanobiology was born out of observations that cells actively respond to and
influence their physical microenvironment. These results have clear implications for
medicine and tissue engineering, and new disruptive technologies are helping us move
beyond qualitative descriptions towards a more quantitative understanding of the mechanics
of tissue assembly.
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Figure 1.
Schematic depicting the three parts of any continuum mechanics problem: (A) kinematics,
(B) equilibrium, and (C) constitutive properties. (A) Kinematics describes the motion of a
material body. This can be expressed mathematically using the deformation gradient tensor
F, which transforms the differential position vector dR in the undeformed configuration into
the deformed differential position vector dr by dr = F · dR. (B) Morphogenetic processes
can be treated quasi-statically. In the absence of body forces, equilibrium relations dictate
that the sum of all traction forces (internal and external) acting on a body be equal to zero
(i.e., Σf1 +f2 +f3 +f4 + f5 = 0 and Σf1 +f2 + f5 +T= 0). Traction stress is defined by the
traction force T acting over the reference area A. In general, there are a variety of different
mathematical descriptions for the stress-state20, which depend on the selected reference
configuration. It is important to note that forces – not stresses – balance in equilibrium. (C)
Forces and deformations are linked by the constitutive properties of a material. Mechanical
tests using a parallel plate rheometer relate an oscillatory shear strain γ(t) to an oscillatory
stress stress τ(t), which are coupled by the complex viscoelastic shear modulus G*(ω).
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Figure 2.
Imaging the kinematics of tissue assembly. (A) Cell tracking data from a nuclear-labeled
zebrafish embryo imaged over time using light sheet microscopy (LSM). Displacements of
individual cells were reliably tracked in 4D. Adapted from Keller et al. (2008).28 (B-C)
Quantifying 3D surface deformations during cardiac looping in the early chicken embryo
using optical coherence tomography (OCT). Circumferential (λ1) and longitudinal (λ2)
stretch ratios were computed using tracked polystyrene microspheres adherent to the tissue.
Adapted from Filas et al. (2007).34
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Figure 3.
Quantifying cellular forces using traction force microscopy (TFM). (A) Deformations of
thin silicone membrane used to estimate traction forces exerted by individual cells in 2D
culture. Adapted from Oliver et al. (1995).50 (B-C) extended to three dimensions by
considering 3D hydrogel deformations during both (B) 2D and (C) 3D cell culture. Adapted
from Maskarinec et al. (2009)62 and Legant et al. (2010)69. (D-E) Traction stresses
measured during collective motion of both (D) 2D epithelial sheets and (E) 3D engineered
epithelial tissues. Adapted from Trepat et al. (2009)68 and Gjorevski et al. (2012)70.
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Figure 4.
Fluorescence force spectroscopy inside living cells. (A) Using optical tweezers, small forces
can be applied across single molecules. Initially used to characterize biomolecular
interactions in vitro, this technique has also been employed to calibrate FRET-based force
sensors inserted within single molecules of interest. Adapted from de Souza (2012)78. (B-C)
Technique used to calibrate FRET-based force sensors inserted into single molecules and
expressed in living cells. Nanospring linker domains introduced into both (B) vinculin and
(C) E-cadherin have elucidated forces across focal adhesions and adherens junctions,
respectively. Adapted from Grashoff et al. (2010)74 and Borghi et al. (2012)75.
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Figure 5.
Probing viscoelastic properties using microrheology. (A) Example time- and ensemble-
averaged MSDs for glycerol, agarose, and F-actin. Adapted from Valentine et al. (2001)89.
(B) Tracer particle trajectories from particle-tracking microrheology. Adapted from Crocker
and Hoffman (2007)91. (C) Schematic of displacements used to compute cross-correlated
motion of neighboring beads for two-point microrheology. Adapted from Crocker and
Hoffman (2007)91. (D) Complex shear modulus of actin-scruin networks in vitro as
measured by one- and two-point microrheology, as well as bulk rheology. Given the
material inhomogeneity of these networks, one-point microrheology fails to capture the bulk
material response, and a two-point approach must be employed. Adapted from Shin et al.
(2004)95.
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Figure 6.
Micropatterned tissues in 2D and 3D. (A) Schematic for the fabrication of 2D
micropatterned tissues by contact printing. Adapted from Singhvi et al. (1994)101. (B)
Organization of stress fibers and focal adhesions in cells cultured on square micropatterned
islands. Adapted from Parker et al. (2002)102. (C) Micromolding organotypic epithelial
tissues of defined geometry in 3D collagen gels. Adapted from Nelson et al. (2008)108. (D)
Patterns of mechanical stress dictate branching locations in engineered mammary epithelial
tissues. Adapted from Gjorevski and Nelson (2010).16
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Figure 7.
Light sheet microscopy, traction force microscopy, fluorescence force spectroscopy and
microrheology can be combined to study the mechanics of branched tissue assembly in
micropatterned 3D epithelial tissues.
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