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Abstract

Over the last few decades, mass spectrometry-based proteomics has become an increasingly
powerful tool that is now able to routinely detect and quantify thousands of proteins. A major
advance for global protein quantification was the introduction of isobaric tags, which in a single
experiment enable the global quantification of proteins across multiple samples. In this review, we
refer to these methods as multiplexed proteomics. We discuss the principles, advantages, and
drawbacks of various multiplexed proteomics techniques, and compare them to alternative
approaches. We discuss how the emerging combination of multiplexing with targeted proteomics
might enable the reliable and high-quality quantification of very low-abundance proteins across
multiple conditions. Lastly, we suggest that fusing multiplexed proteomics with data-independent
acquisition approaches might enable the comparison of hundreds of different samples without
missing values while maintaining the superb measurement precision and accuracy obtainable with
isobaric tag quantification.
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1. Background on Protein Identification and Quantification in Mass
Spectrometry-Based Shotgun Proteomics

Throughout this paper, we will refer to proteomics methods that use isobaric tags to analyze
multiple protein samples as multiplexed proteomics. Multiplexed proteomics builds on
decades of technological development in proteomics prior to isobaric tags. To put
multiplexed experiments in context, we begin this review with an overview of protein
identification methods and alternative quantitative approaches. We then cover multiplexed
proteomics techniques, which involve the use of isobaric labeling. At the end of this review,
we will discuss how merging multiplexed proteomics with other quantification strategies
might help to overcome current technical limitations.
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Throughout this review, we will only discuss bottom-up proteomics, where proteins are first
digested into peptides and the peptides analyzed with the mass spectrometer. An entire field
is devoted to the analysis of intact proteins via mass spectrometry, known as top-down
proteomics. For these approaches, we refer the reader to excellent reviews published
elsewhere.[]

1.1. Peptide Identification in Shotgun Proteomics

Proteomic analysis is typically performed using liquid chromatography-mass spectrometry
(LC-MS).[2] For shotgun proteomics, protein samples derived from cell or tissue lysate are
digested into peptides with proteases like trypsin (Fig. 1A).[3 Trypsin cleaves, with fairly
high specificity, protein peptide bonds at the C-termini of arginine and lysine residues.[4l To
better probe the complexity of the proteolytic mixture, tryptic peptides can be fractionated
into multiple samples based on properties such as charge, size, polarity, or hydrophobicity.[5]
The peptides in each sample are then separated using liquid chromatography (LC). The
peptides elute via a thin opening from the column directly in front of the mass spectrometer
(MS).

\Voltage between the column opening and the inlet of the MS leads to a process called
electrospray ionization (ESI). The eluting droplets undergo evaporation, concentrating
positively charged peptides until coulombic repulsion overwhelms surface tension and the
droplets explode, resulting in charged peptides in the gas-phase. 6]

The efficiency of the ionization process can differ by orders of magnitude for different
peptides.[”] Additionally, the efficiency of protein conversion into analyzable peptides can
also vary drastically due to different digestion efficiencies and/or peptide solubility.
Therefore, the number of ions inside the MS is not a direct readout of how many proteins
were originally in the sample. Because of this problem, MS is an inherently non-quantitative
method and significant additional efforts are required to obtain quantitative information.

Peptide molecules ionize before entering the mass spectrometer where researchers can detect
or filter them based on their mass-to-charge (m/z) values. Figure 1B shows the
chromatogram of the most abundant ion species collected during a typical ~2-hour
experiment. We call a spectrum of all the intact peptides eluting at a given time an MS1
spectrum (Fig. 1C). The height of each peak reflects the number of detected ions.[8] The
~20k human proteins generate ~10° possible tryptic peptides. With the resolving power of
current mass analyzers, it is not possible to identify peptides solely based on their intact
masses. However, it is possible to fragment peptide ions in a mass spectrometer at the
weakest bonds (usually the peptide bond between amino acids) by colliding them with inert
gases. The resulting fragment ions are analyzed in an MS2 or MS/MS spectrum, which can
be used to identify the amino acid sequence and to detect post-translational modifications
such as phosphorylation (Fig. 1D).[ By convention, the fragment ions containing the
peptide’s N-terminus are called b-ions, and the fragments containing the C-terminus are
called y-ions.[10]

If all the b- or y-ions were formed and detected, then the differences in m/z values would
allow the peptide’s amino acid sequence to be determined de novo, since each genetically-
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encoded amino acid has a different molecular weight (except leucine and isoleucine).
However, the situation is typically not this ideal, and de novo peptide sequencing is not
practical for most spectra obtained from actual experiments. Instead, the analyzed samples
typically come from organisms for which we know all possible protein sequences and hence
all possible peptides. Rather than having to sequence peptides de rnovo from spectra, we
typically only need to find the most likely match to known amino acid sequences. To this
end, theoretical MS2 spectra are created for these peptides, based on all the b- and y-ions
that can result from fragmentation. By comparing the MS1 mass and the corresponding
observed MS2 spectrum to the theoretical spectra of possible peptides, the best match can be
found, resulting in the peptide being assigned to the spectrum.[11] Multiple search
algorithms are available to automatically perform this analysis.[11-12] Moreover, various
machine learning strategies have been developed to confidently assign spectra to peptides
and proteins.[13]

1.2. Absolute and Relative Quantification in Proteomics Experiments

Given the intrinsic quantification limitations of mass spectrometry in quantitative
proteomics, we distinguish between absolute quantification (determining the absolute
concentration of a protein in a sample) and relative quantification (determining the relative
ratio of the amounts of a given protein in different samples). As discussed earlier, the
efficiencies of turning protein concentrations into MS-signals are nonuniform and currently
unpredictable. The signal in the mass spectrometer is therefore only an indirect read-out for
the abundance of a peptide in solution.

For the relative quantification of proteins between two or more samples, their peptides must
first be relatively quantified from each sample and the data from multiple peptides integrated
to get a ratio for the overall protein.[!4] The peak size corresponding to a peptide is
proportional to the number of peptide ions detected by the instrument. Since the ionization
efficiencies of different peptides are different, it is not possible to directly compare the MS
signal of different peptides to determine their abundance in a sample. However, it is possible
to compare peaks of the same peptide, with the same ionization efficiency, in different
samples, which is what relative quantification is based on.[5] All of the methods described
below use this as the basis for relative quantification of peptides, and ultimately proteins.

Absolute quantification in proteomics is usually an extension of relative quantification
methods that quantify relative to an added spiked-in standard, with known absolute
concentration. Due to the high costs of such standards, these experiments are typically
limited to studies of a smaller subset of the proteome.[16] While not directly correlated, the
total ion-signal of a protein seems to be related to its /7 vivo abundance via a power law.[17]
Using an internal standard, the absolute protein abundance for all proteins detected in a
sample can therefore be inferred, but this comes with a wide median ~2-fold error.[17P]

1.3. MS1-Based, Label-free Quantification

Currently, the most widely used form of quantitative proteomics is based on quantifying the
MS1 signal of peptides obtained from tryptic digestion. As there is no attempt to covalently
modify the peptides, this version of quantitative proteomics is often referred to as label-free.
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Label-free proteomics involves running different samples consecutively (Fig. 2A).[18] The
MS1 signal for a given peptide is integrated over time from all the MS1 spectra in which it
can be observed (Fig. 2B, C). The obtained area under the curve is a measure of the total
number of ions for a given peptide. While this area is not a good read-out for the absolute
amount of peptide in the sample, the corresponding ion-counts (i.e., the area under the
curve) for the same peptide in a different sample can be used for relative quantification.

[15, 19] These peptide ratios are then combined to give a relative ratio of proteins. This can be
done in a variety of ways, such as by using the mean or median of (all or the top n) peptide
ratios, taking a weighted average of peptide ratios based on signal intensity, calculating the
ratio of total peptide ion counts, or using linear regression to fit a line through the peak
intensities for each peptide.[20] If there are more than two samples, pairwise protein ratios
can be calculated using any of these methods and a least-squares analysis can be used to
interpolate relative protein amounts in each sample.[1%] MS2 spectra are required for peptide
identification but their signal is typically not used for quantification in these label-free
approaches.

Compared to quantitation methods involving tags or labels, a label-free method avoids
additional expense and sample preparation steps. Furthermore, label-free quantification is
feasible on hundreds or even thousands of samples. On the other hand, there are some major
limitations to a label-free approach. A major limitation is the requirement for multiple runs,
which reduces throughput. Another drawback is the comparatively poor measurement
precision, with the median protein coefficients of variation (CVs) between replicates
typically being ~20%.[2%] Many less abundant proteins typically exhibit even larger
variability, though this is also tends to be a problem for other quantification methods. This
comparatively poor reproducibility comes from each sample being run separately and data
acquisition varying when MS1 and MS2 spectra are obtained. Another major limitation of
the label-free approach is that, even in replicates, a significant fraction of peptides will not
be detected in every sample. This is known as the missing value problem.[2] One can decide
to concentrate on the proteins identified in every sample, but this will quickly reduce the
number of quantified proteins to only the most abundant proteins in all samples. However,
some statistical methods have been developed to tackle the missing value problem, and
multiple papers have discussed the effective imputation of missing values.[21-22] Jiirgen Cox,
Matthias Mann, and colleagues have developed a system of tools, known as MaxLFQ, which
imputes missing values by matching retention times and m/z values between different
samples.[2% The continuous improvement in MS-technology enables faster and faster
collection of MS2 spectra, which cover more and more peaks from the MS1 spectrum.[23]
These advances might help to overcome the missing value problem in label-free
quantification.

1.4. MS1-Based Quantification with Heavy Isotope Labeling

In contrast to label-free quantification, multiple methods label peptides with heavy, non-
radioactive, isotopes. Peptides can be either labeled /n vivoe.g., by the addition of heavy
amino acids to tissue culture medium (SILAC, i.e., Stable Isotope Labeling with Amino
acids in Cell culture),[24] or /n vitro, e.g., by performing chemical modifications after
proteolytic digestion.[2%] Heavy isotopes, with the exception of deuterium, have essentially
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identical chemistry and elution patterns as their light equivalents, but the mass spectrometer
can easily distinguish between their different mass-to-charge ratios. The main advantage of
this approach is that samples can be labeled separately with different isotopes and then
combined before injection into the mass spectrometer. The samples can therefore be co-
analyzed (Fig. 2D, E) and the relative quantification occurs within a single experiment rather
than between runs (Fig. 2E, F). This inherently leads to much higher reproducibility (i.e.,
higher measurement precision) and avoids the missing value problem of label-free
approaches, provided the number of samples does not exceed the maximum number of
labelling combinations.[26] If there is no signal for a peptide it is known to be below the
detection limit rather than not being picked up by chance, which can be the case for label-
free approaches.

The major limitation of using the MS1 signal to quantify isotopically labeled peptides is that
the complexity of the MS1 spectrum increases with the number of samples, as each sample
is isotopically labeled with a different mass. In practice, this limits the number of samples
that can be compared in a single experiment to 2 or 3.126] A recent clever extension of
SILAC can avoid this limitation by using labels whose masses only differ by a few mDa.[?7]
However, these experiments require current mass analyzers engineered to exceptionally high
standards, which hinders the technology’s wider application. Another limitation of MS1-
based quantification is that the number of ions that can be accumulated in the most
commonly used high resolution analyzer, the Orbitrap, is limited. The number of ions for
low-abundance peptides can therefore be very small if some very high abundant peptides co-
elute at the same time in the MS1 spectrum, resulting in less precise quantification due to
poor ion statistics. This limitation has been somewhat alleviated by ion-mobility separation
or BoxCar.[28]

1.5. Data-Independent Acquisition

One feature common to the standard implementations of label-free and many other
quantitative proteomics methods is the Data-Dependent Acquisition (DDA) of MS2 spectra
(Figure 3A-D). Based on the MS1 spectrum, the instrument successively chooses the largest
peaks for acquisition of MS2 spectra and peptide identification (Fig. 3A).12% Intuitively, this
makes sense, as the goal is to spend the limited number of MS2 spectra on the peaks in the
MS1 spectrum, which can most likely be successfully identified and quantified (Fig. 3 B-E).
However, there are usually more peaks available than the MS can isolate for fragmentation
and which peaks are chosen is an inherently stochastic process. Which MS2 spectra are
acquired and at what time during the elution profile will differ from run to run even if the
exact same sample is reanalyzed.

Data-Independent Acquisition (DIA) was envisioned to overcome this limitation by
continuously and methodically collecting MS2 spectra covering the entire MS1 spectrum so
that for each m/z value information in the MS1 level and the MS2 level are available (Fig.
3F-J).[301 Current instruments are not fast enough to collect enough MS2 spectra with the
typically ~1 Th (Dalton/elementary charge) isolation window. Therefore, wider windows are
chosen to reduce the number of MS2 spectra needed to cover the total m/z range, and so the
resulting MS2 spectra typically contain fragment ion series from multiple precursors (Fig.
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3F). Another alternative is to simultaneously isolate multiple small MS2 windows.[3] This
results in a very complex series of MS2 spectra which are more difficult to analyze than in
DDA methods (Fig. 3H). The Aebersold group introduced an approach, known as SWATH-
MS to analyze these complex spectra, using prior knowledge of peptides’ chromatographic
and mass spectrometric behavior.[300] This approach was recently reviewed by Ludwig et al.,
who described improvements to DIA and how SWATH-MS can be used to analyze both total
cell lysates and protein samples enriched for post-translational modifications.[32] The recent
drastic improvements of DIA measurements are mostly due to computational advances.[33]
The major advantage of DIA is its coverage: every peptide is fragmented multiple times.
Due to this, DIA does not have as severe of a missing value problem as label-free DDA
approaches. DIA seems particularly attractive when comparing many samples. For
quantification via DIA, either MS1 or MS2 spectra can be chosen, though MS2
quantification is predominantly used (Fig. 3, J).[300:30c] While currently DDA and DIA
acquisition strategies are mutually exclusive, the rapid advance of instrument speed will
likely result in the two different approaches merging.[23] Once the instrument is fast enough
to continuously cover the entire precursor space with the small (~1 Th) windows commonly
used for DDA strategies, the DDA and DIA methods may start to become identical in terms
of window size and breadth of coverage.

2. Multiplexed Proteomics with Isobaric Labeling

The methods discussed so far have key limitations. Label-free quantification provides
comparatively poor measurement precision. Additionally, missing values of peptides that are
only identified in some samples are hard to interpret even qualitatively. While MS1-based
isotope labeling offers exquisite quantification for more abundant peptides, it suffers from a
lack of multiplexing capability, because, as the number of samples increases, so does the
complexity of the MS1 spectrum. DIA mostly overcomes the missing value problem of a
label-free approach but samples are still analyzed one at a time, limiting measurement
precision and requiring lots of instrument time.

2.1. Principles of Quantitative Multiplexed Proteomics

Multiplexed proteomics, based on isobaric mass tags, promises to overcome or at least
mitigate these limitations.[34] The most commonly used isobaric tags are TMTI3%] and
iTRAQD3E], which are both commercially available, but there are other isobaric tags we will
describe later. Isobaric tags are reagents used to covalently modify peptides, using the heavy
isotope distribution in the tag to encode the different conditions, and are generally added
after digestion. Unlike the isotopic labeling methods such as SILAC that were discussed
earlier (Fig. 2D-F), each variant of an isobaric tag set has an identical total mass. The only
difference is how the heavy isotopes are distributed among the tag, since each tag contains a
site that fragments in the MS2 spectrum, resulting in reporter ions with different masses
depending on which sample the peptide originated from. In addition to the reactive group,
which reacts with the peptide, each tag contains a reporter group with differential number of
heavy isotopes. To keep the total mass of the tag constant, the number of heavy isotopes on
the mass balancer group is adjusted accordingly (Fig. 4A). Identical peptides from different
samples elute at the same time and therefore appear as a single peak in the MS1 spectrum.
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This is a major advantage, since the complexity of the MS1 spectra does not increase
significantly with the number of samples. Complexity only increases with the addition of
new proteins in the new samples. This is in contrast to SILAC-like experiments, where even
comparing replicates will double the number of peaks in the MS1 spectra. Therefore, the
number of conditions that can be compared with isobaric tag experiments in a single
experiment is higher (currently up to 11) than with SILAC-like methods. Quantification
occurs after isolation and fragmentation of these labeled peptides in the MS2 spectrum (Fig.
4B). Usually, the amount of energy added for fragmentation is only enough for one bond to
break. This could either be a peptide bond on the backbone or the intended breakage point in
the isobaric tag. Each tag has several heavy isotopes that are distributed differently relative
to this fragile bond. Upon breakage, the isobaric tag produces low m/z reporter ions that
contain different masses depending on the condition they come from and can therefore be
used for relative quantification (Fig. 4B). Additionally, the breakage of the isobaric tag leads
to the formation of complementary reporter ions, which contain the balancing part of the
isobaric tag and the intact peptide{Wuhr, 2012 #8} or fragment ions, which result from
breakage in the peptide backbone and the isobaric tag.[3”] The balancing group of the
isobaric tag also encodes the experimental conditions and the complementary reporter ions
can therefore be similarly used for quantification (Fig. 4B).[381 We will discuss later the key
advantages and disadvantages of the utilization of the different reporter ions for
quantification. The complementary reporter ions were noticed, e.g., by the Mechtler group,
but were not initially used for quantification.[39]. Instead, they removed these peaks to
increase peptide identification success-rate. Using the complementary reporter ions for
quantification is similar to an approach by Yan et al., who labeled peptides differentially on
their N- and C-termini with heavy isotopes to generate isobaric peptides. The authors used
the fragment ions for quantification.[40]

Although the labeling step after protein digestion could introduce some variability, and
though there is a limit to the number of samples that can be labeled by an isobaric tag
system, there are many advantages of isobaric tags that make up for these. The ability to
analyze many samples at once mostly circumvents the missing value problem. If no signal is
detected for a peptide in a particular condition it can be inferred that the peptide is indeed
much less abundant than it is in the other conditions. It is still possible for peptides to be
excluded from MS2 fragmentation, but since all samples have peptides eluting under the
same peak, all labeled versions of the same peptide with either be isolated together or none
at all. Another major advantage is the inherent high reproducibility between samples due to
the samples being combined after labeling and co-analyzed. Compared to MS1
quantification methods like SILAC, data quality is even further improved because each
analysis heavily enriches the peptides of interest in the MS2 spectrum, where quantification
occurs, resulting in peptide ion statistics even for low-abundance peptides.[41] Multiplexed
proteomics therefore demonstrates very high reproducibility with CVs of ~5% and very few
peptides with CVs above 10%.142] The last major advantage, at least compared to label-free
quantification, is that throughput is markedly increased, since all samples can be shot in one
run. This limits expense and makes it compatible with the analysis of pre-fractionated
samples[#3]. For equivalent amounts of machine time, this results in significantly more
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proteins that can be quantified compared to label-free approaches.[42:44] Together, these
benefits make multiplexed proteomics a very attractive option for relative quantification.

2.2. Main Problem of Multiplexed Proteomics: Interference/Ratio Distortion

In the previous section we discussed the principles and promises of multiplexed proteomics.
However, in its initial implementation, the method came with a major measurement artifact,
ratio distortion. In Figure 4, we pretended that it is possible to specifically isolate one
peptide of interest. For technical reasons, however, the smallest possible isolation window
currently achievable with a mass filter (e.g., a quadrupole) is approximately 0.5 Th.[45] In
complex mixtures, like tryptic digests derived from cell lysates, whenever a peptide is
isolated in the MS1 spectrum for MS2 analysis, other peptides with similar m/z values will
nearly always be co-isolated (Fig. 5A).[46] Since both the target peptide and the
contaminating peptides carry the same reporter groups, after MS2 fragmentation the reporter
ion signal for that particular isolation will be a combination of reporter ions stemming from
the peptide of interest and from all other contaminating peptide ions (Fig. 5B). Nearly all
measurements are therefore distorted, often to a significant extent. In general, these
contaminating ions tend to bias the relative ratios between different conditions towards a 1:1
ratio.[46<] This distortion tends to be more significant for low-abundance peptides, where the
interfering signal is relatively greater. However, it is also possible that a 1:1 peptide is
distorted by a changing contaminant resulting in unsubstantiated measurements of changes.
[47] Despite these problems, many groups successfully use multiplexed methods which are
vulnerable to interference.[*8] For some studies, the qualitative knowledge on which proteins
change are sufficient. However, if one is interested in the quantitative change of protein
expression levels, addressing interference is essential.[460.46¢.49] Recently, multiple statistical
methods have been suggested to bioinformatically correct for this distortion.[0]
Nevertheless, the best sample quantification can currently be obtained by applying
experimental remedies for this major problem, which we will discuss in the following
section.

2.3. Overcoming Interference with further gas-phase purification (Quantmode, MS3)

One of the earliest methods to reduce interference from contaminating ions is an approach
known as QuantMode.[46b] This method reduces the charge of all peptides by one. After
isolation of the new desired m/z window, interfering peptides with similar mass but different
charge than the targeted peptide are removed. QuantMode was thus able to significantly
reduce interfering ions, resulting in more accurate quantification. The main drawback of the
method is that interfering ions of the same charge as the target ion can still be co-isolated.
Additionally, the proton transfer process, which alters the ion charge, is comparatively slow,
resulting in fewer collected spectra and a shallower assaying of the sample.

Currently, the most widely used approach to counteract ratio distortion involves a further
fragmentation and isolation step to produce an MS3 spectrum.[46¢1 An MS3 spectrum results
from the isolation of ions in the MS2 spectrum and their further fragmentation (Fig. 6A-C).
This filters out the interfering peptides, allowing the target peptide to be quantified more
accurately. The original version of the MS3 method only isolated a single isobaric-tag-
labeled fragment ion from each MS2 spectrum, which greatly reduced the sensitivity of the

Chembiochem. Author manuscript; available in PMC 2019 May 16.



1duosnuen Joyiny 1duosnuey Joyiny 1duosnuen Joyiny

1duosnuep Joyiny

Pappireddi et al.

Page 9

quantification.[46¢] This drawback was overcome by a more advanced method called
MultiNotch MS3.[47] The use of isolation waveforms with multiple frequency notches
enables the simultaneous precursor selection (SPS) in the linear ion trap.[>1]

With this approach multiple fragment ions from each MS2 spectrum are simultaneously
isolated, resulting in greater sensitivity (Fig. 6A-C). Thermo Fisher Scientific
commercialized this approach on the Orbitrap Fusion and Lumos mass spectrometers. As a
result, MultiNotch MS3 is now widely used and currently considered state-of-the-art, able to
detect ~10% changes in protein abundance with high confidence.[®2]

Despite this, there are a number of limitations to the MS3 approach. Perhaps the most
significant disadvantage is the requirement for additional MS scans. This results in a loss of
ions, and comparatively slow cycle times. Furthermore, the MS3-based methods require
instrumentation that is more complex and expensive. Finally, even MultiNotch MS3 fails to
completely remove interference, especially for peptides with low abundance, since
interfering ions in the MS2 spectrum are still co-isolated into the MS3 spectrum (Fig. 6C).
[42, 528] |t js likely that MultiNotch MS3 data-quality can be further improved by setting the
notches in a peptide specific manner. For shotgun approaches, this would require the ability
to identify MS2 spectra immediately after their acquisition and before the corresponding
MS3 scan. [53]

Another approach to reduce interference is ion mobility spectrometry. [28b. 541 This
separation method, which is orthogonal to the LC and the m/z analyzers, promises to reduce
ratio distortion, since interfering ions will be separated from the peptide of interest.

2.4. Overcoming Interference with the Complement Reporter lon-Based Approach (TMTc).

An alternative method to overcome the ratio distortion problem is based on the
complementary fragment ions in the MS2 spectrum.[38] When an isobaric tag (e.g., TMT)
breaks it produces a low m/z reporter ions but also the intact peptide with the balancing
group of the isobaric tag still attached (Fig. 4B). Due to their complementary nature, these
were named complementary reporter ions, or TMTc ions when the experiment is performed
with TMT tags. Although TMTc-based methods have not been widely used outside of our
lab, we think that they provide a viable alternative to the more prevalent MS3-based
methods.

TMTc ions containing the same peptide differ in mass depending on the experimental
condition, just as the low m/z reporter ions do. These TMTc ions can therefore also be used
for multiplexed quantification (Figure 6D-E). The key advantage of using TMTc over low
m/z reporter ions for quantification is that any interfering peptides typically will have
slightly different masses compared to the target peptide. The ability to distinguish different
TMTc masses in the Orbitrap is ~100-fold higher than the lowest feasible resolving power of
the quadrupole ion isolation. TMTc is therefore much more robust to interfering ions than
the standard MS2 approach. TMTc is even able to outperform MS3-based methods in terms
of measurement accuracy.{Sonnett, 2018 #129} Furthermore, compared to Quantmode or
MultiNotch MS3, TMTc does not require an additional fragmentation step, saving time and
in principle increasing sensitivity. Because no higher order scans are required, the
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complement reporter ion approach can be performed on comparatively simple instruments
like quadrupole Orbitraps or QTOFs.

Figure 6 heavily simplifies the actual picture by portraying a single peak corresponding to
each peptide. In reality, peptides elute as an isotopic envelope of multiple peaks, spaced
apart by 1 Th due to the natural frequency of 13C, 15N, 180, and other heavy isotopes, in
biological molecules. When the entire isotopic envelope of a peptide is isolated, the
complement reporter ion cluster has to be deconvolved from the isotopic envelope of the
precursor peptide.[38] This deconvolution process results in a loss of quantitative precision.
In order to combat this shortcoming, we have developed a refinement of the TMTc
deconvolution method known as TMTc+.[421 The TMTc+ method uses a narrow isolation
window. In the extreme case, where only one precursor peak is chosen, the deconvolution
becomes similar to the simplified cases represented in Figure 6, and only isotopic impurities
have to be accounted for. The resulting data comes with a drastic improvement of
measurement precision while still preserving the superb measurement accuracy.

Despite the promises of the complement reporter ion approach, several key limitations
remain: At high m/z values, mass spectrometers cannot distinguish the extra neutron in
heavy nitrogen or carbon in commercial isobaric tags with currently feasible resolving
power. Also, with MS2 or MS3 approaches, up to 11 conditions can currently be compared,
but only 5 TMT channels are currently distinguishable with the complement reporter ion
strategy (Fig. S1). This lowered multiplexing capacity is a major drawback to the TMTc
method, but future isobaric tags should be able to address this limitation. Furthermore,
emerging super-resolution approaches are, at least in principle, able to further increase
multiplexing capacity by providing the resolving power to distinguish the extra neutron in
different elements even at high m/z regions.[>5] Another major hurdle is the poor formation
of the complement reporter ions. Commercially available tags were not intended for this
purpose and the complement reporter ions form inefficiently. Recently, two tags (the SO-tag
and EASI-tag, further discussed below)[37:5¢] were designed specifically for the formation of
the complement reporter ions. But while the complement forms efficiently, they come with
the drawback of making identification of peptides difficult, since breakages of both the tag
and the peptide backbone can occur, leading to many additional peaks, which are not
classical b- or y-ions and are not recognized by standard search algorithms. The
advantageous combination of measurement sensitivity, precision, and accuracy of TMTc+
make it our current method of choice for most experiments in our laboratory. Nevertheless,
many shortcomings remain, and considerable extra effort will be required to exploit the
method’s full potential.

2.5. Overview of different Isobaric Tags

All isobaric tags contain a functional group that enables covalent attachment to peptides.
Typically, this group reacts with primary amines on a peptide’s N-terminus or lysine side-
chains, as is the case here. However, some tags react with carbonyl or sulfhydryl groups.[®7]
In addition, all isobaric tags contain a reporter group and a mass balancer group (Fig. 7A).
The total number of heavy isotopes in the tag is constant, making them isobaric in the MS1
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spectrum. However, the distribution of the heavy isotopes between the reporter and
balancing group differs for the different conditions (Fig. S1).

Isobaric tags were first introduced by Thompson et al. for the relative quantification of
peptides.[34] The original tag was a 2-plex called Tandem Mass Tag (TMT) (Fig. 7A). While
this original TMT tag was used to prove an important new concept, the structure was
comparatively bulky, which led to additional unintentional fragmentation patterns, poor
ionization properties, and poor identification success rates. Thompson and colleagues further
developed the tandem mass tag into the significantly smaller version currently available
commercially from Pierce (Fig. 7B).[3%] This TMT tag is currently able to encode up to 11
different conditions (Fig. S1). To obtain this high multiplexing capacity, a mass analyzer is
required that can distinguish between the additional neutron masses in 13C versus 14N,
which differ by 6 mDa (Fig. S1).[58]

An alternative commercially available tag from AB Sciex is the isobaric Tag for Relative and
Absolute Quantification (iTRAQ) (Fig. 7C). The structure, shown in Figure 7C, can encode
up to four different conditions.[3¢] An 8-plex iTRAQ is also commercially available, but to
our knowledge, its structure has not been published.[] Pichler et al. have found that 4-plex
iTRAQ has a higher peptide identification rate than 8-plex iTRAQ or 6-plex TMT.[3% The
authors conclude that the 8-plex iTRAQ may suffer due to the appearance of fragment ions
from the larger tag in the MS2 spectrum, which they suggest hinders peptide identification.
This indicates that isobaric tags should be designed to be as small as possible while allowing
sufficient multiplexing capacity.

An alternative to the commercial tags are the A,A-Dimethyl Leucine (DiLeu) tags (Fig. 7D).
[60] These tags contain a reporter group consisting of a dimethyl amine connected to a
leucine side chain, and a mass balancing group consisting of the CO-atoms of the carboxyl
group. These DiLeu tags were originally 4-plex. Using deuterium isotopes as labels, Frost et
al. reported an upgraded version of DiLeu that increased its multiplexing capacity to 12.[61]
Nevertheless, deuterium-labeled peptides typically show different elution profiles compared
to unlabeled peptides. For MS1 based quantification this can be acceptable, as the entire
elution profile can be integrated (Fig. 2F).[24] However, for multiplexed proteomics typically
only one MS2/MS3 spectrum is acquired per peptide. Differential elution profiles in
different channels could therefore lead to serious quantification artifacts.

A clever set of isobaric tags was showcased by Braun et. al. (Fig 7E).[62] Known as
Combinatorial isobaric Mass Tags (CMT), the fragmentation of these molecules results in
multiple reporter ions. Because of this, their multiplexing capacities are larger compared to
conventional tags of comparable size and number of heavy isotopes. Nevertheless, the
quantification depends on a deconvolution approach, which comes at the cost of
measurement precision, particularly if interfering ions alter the true peptide ratios. The CMT
publication demonstrates a 6-plex version by using two different reporter ions. Furthermore,
by taking into account a 3rd reporter ion that was also detected, the chemical structure of the
tag allows for 28-plex tags when utilizing the 6 mDa spacing between heavy carbon and
nitrogen. These high values are achieved with just 5 heavy isotopes on each tag.
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Motivated by the inefficient formation of the complementary reporter ions (Fig. 6B) from
the commercial isobaric tags, Stadlmeier et al. developed a sulfoxise-based tag, known as
the SulfOxide Tag (SOT) (Fig. 7F).[37] In this tag, the reporter and balancer groups are
linked by a sulfoxide group. This allows the tag to be fragmented at low energies, increasing
the yield of complementary reporter ions. Indeed, the SO tag is much more favorable to
fragmentation compared to the peptide backbone, and so typically plenty of signal is
available for quantification. An interesting idea put forward with this paper was
quantification using the complementary b- and y-ions. These are the fragment ions that
develop when both the isobaric tag and the peptide backbone break. Like the complementary
reporter ions that result from only the breakage of the isobaric tag, these ions also encode the
different sample conditions.

Another sulfoxide-based was recently developed by Virreira Winter et al., known as EASI-
tag (Easily Abstractable Sulfoxide-based Isobaric tag) (Fig. 7G).[56] The EASI-tag also
contains an asymmetric sulfoxide bond that is cleaved at relatively low energy. The authors
used a shifted isolation window of 0.4 Th to isolate a single MS1 peak in the isotopic
envelope, making deconvolution easier when the pseudo-monoisotopic peak is isolated.
Another interesting novelty of the EASI-tag is that the low m/z reporter ion equivalent is a
neutral loss, which makes quantification only possible via the complement reporter ions.

Both sulfoxide-based tags, SOT and EASI-tag, seem to suffer from comparatively poor
success-rates in identifying peptide spectra (Fig. 1D). This is because the tags fragment
much easier than the peptide backbone. Typically, the b- and y-ions additionally lose the low
m/z reporter part of the isobaric tag, resulting in peaks that standard search algorithms will
not consider for identification. Improved search algorithms that consider these ions might
mitigate this problem. However, the spectra are much more complex, and it is not clear how
much adapted search algorithms will be able to overcome this major limitation, which
results in comparatively few quantified peptides and ultimately proteins. We believe the
most promising way forward for complement reporter ion quantification is the development
of new chemical structures that balance the formation of complement reporter ions with the
ability to reliably and efficiently identify peptides.

3. Emerging Multiplexed Proteomics Technologies

Multiplexed proteomics in its current form is highly attractive and well suited for many
studies. However, significant shortcomings remain. Among them are the difficulties in
detecting low-abundance proteins. These are often some of the most interesting proteins,
such as transcription factors or signaling molecules. To overcome these limitations, we
discuss the emerging fusion of targeted proteomics with multiplexing technologies to
reliably reach low-abundance proteins. Another major limitation of multiplexed proteomics
is the maximal multiplexing capacity. The current limit, with TMT tags, is 11-plex. But for
many studies, it is desirable to compare hundreds or even thousands of different samples. In
principle, these can be split into several 11-plex experiments, but then similar to label-free
approaches, some peptides will only be analyzed in a subset of the experiments. The
interpretation of these missing values is difficult. Additionally, quantification between 11-
plexes is challenging. Here, we suggest the fusion of the complement reporter ion
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quantification strategy with DIA approaches to enable the comparison of hundreds of
samples with few missing values and high measurement quality.

3.1. Targeted Multiplexed Proteomics

So far, the methods we described involve analyzing protein samples globally, with the aim of
identifying and quantifying as many proteins as possible. However, it is also possible to
sacrifice global coverage and focus the limited ion injection times on peptides of a few
(~100) proteins of particular interest. Such approaches are called targeted proteomics.[63] By
predefining the data acquisition towards specific ions that elute at specific times, targeting, at
least in principle, enables detection and quantification of much less abundant peptides that
could otherwise be overlooked. Although this approach requires a significant amount of
setup, it can be used to analyze low-abundance peptides which would be missed by a
shotgun approach.

The simple combination of targeted proteomics with an isobaric MS2 approach is not
attractive. The interference problem is especially problematic for low-abundance peptides
and quantification would be very unreliable and likely severely distorted (Fig. 5). However,
the reduction of ratio distortion using MS3-based methods made targeted multiplexing of
proteolyzed cell lysates more feasible (Fig 6A). As a result, Erickson et al. developed a
targeted multiplexing method known as TOMAHAQ.[%4] In this method, samples were
spiked with trigger peptides labeled with TMTO, which is the standard TMT structure
without any heavy isotopes. This resulted in the trigger peptides eluting simultaneously at a
known m/z offset away from the target sample peptides in the MS1 spectrum, which were
labeled with standard TMT 10-plex labels. The spiked-in trigger peptides were sufficiently
abundant to be consistently observed in the MS1 scan. The instrument was programmed to
isolate and fragment the sample peptides at the known mass offset, even if there were no
detectable peaks from the target peptides at that m/z. The notches for the MS3 scan were
preprogrammed to fit the peptide of interest and to be specific for fragment ions containing
an intact TMT tag. Furthermore, this approach was refined by selecting in real time from the
MS2 spectra only those b- and y-ions that had minimal interfering ions. This allowed the
researchers to obtain accurate quantifications of even dilute peptides, which suffer from
significant interference even in the standard SPS-MS3 method.

While this MS3-based method has proved critical to targeted multiplexed proteomics, the
complement reporter ion approach is, in our opinion, particularly attractive for this purpose
(Fig. 6B). The complement reporter ion strategy is superbly able to distinguish signal from
interfering background noise, and the lack of an additional gas-phase isolation makes it, at
least in principle, more sensitive. Thus, we believe that for a targeted approach, the use of
complementary b- and y-ions could be particularly attractive as this would provide an
additional layer of distinction (besides the precursor mass) and allow the separation of signal
even for isobaric peptides with nearly identical elution times.

Fusing Multiplexed Proteomics with Data-Independent Acquisition

Currently, multiplexed proteomics is very attractive when comparing up to 11 samples, the
maximal number that can be analyzed in a single experiment. However, many studies require
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the comparison of hundreds or even thousands of different conditions. In such scenarios,
multiplexed experiments suffer from the missing value problem, similar to label-free
approaches. Additionally, it is hard to compare proteins quantified in one 11-plex with
another 11-plex. Often, so-called bridging channels are used, which are analyzed in all
experiments.[65] However, it is possible that these do not contain a subset of proteins or
contain it at a significantly different concentration than the other analyzed samples. In such
cases, the quantification between two 11-plexes relies on the ratios of unreliable ratios.
Currently, the best remedy for quantitative comparison of many samples might be DIA
approaches. However, these come with comparatively low measurement precision and
inefficient instrument time usage. A fusion of DIA with isobaric labeling approaches might
be able to combine the advantages from both methods.

Since DIA involves fragmenting all the MSL1 ions in a certain mass range (Fig. 3F-G), it is
incompatible with MS2 or MS3 methods using the low m/z reporter ions (Fig. 5, 6A-C).
However, for multiplexed methods based on the complement reporter ion approach the
reporter ion signal is precursor specific (Fig. 6D-E). Complement ions from different
peptides would have different masses and would be distinguishable (Fig. 8). In a proof of
principle, we have already demonstrated the quantification of two different peptides in one
spectrum.[38] Particularly attractive might be the use of b- or y-ions that additionally have a
broken isobaric tag, thereby forming complementary fragment ions which can also be used
for quantification.[37] Regardless, several hurdles have to be overcome to make this approach
feasible. Simultaneously fragmenting all of the precursor ions within an m/z range will give
a very complex MS2 spectrum, both due to the large number of isolated peptide species and
due to the differing masses of the complement reporter ions, which will likely make the
analysis quite challenging. Although interference will lead to some ratio distortion, the
combination of multiple quantification events over multiple spectra might provide enough
data to overcome such challenges. Additionally, the very wide isolation windows will
require deconvolution of the isotopic envelopes. Isobaric tags with multiple Dalton spacing
might make this approach more feasible with high measurement precision. Despite these
challenges, a successful fusion of DIA with multiplexing could be a highly attractive
method.

4. Conclusion

Multiplexed proteomics in its current form is highly attractive and often the best suited
quantitative proteomics option for many studies. The higher throughput enabled by
multiplexing has made it possible to analyze hundreds of samples with reasonable depth [66].
Over the last several years, remarkable technological progress has been made, particularly in
addressing ratio distortion, the major shortcoming of multiplexed proteomics. Currently,
isobaric tag-based multiplexed proteomics can accurately, precisely, and sensitively quantify
thousands of proteins simultaneously across up to 11 samples. With the resulting data,
changes of less than ~10% can be detected with high confidence. Despite these advantages,
major limitations remain. One major remaining hurdle is the reliable quantification of low-
abundance proteins. Emerging methods for targeted multiplexing promise to overcome the
problem of quantifying low-abundance proteins across multiple conditions. Another major
remaining challenge is how to quantify protein abundances among hundreds of samples
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while limiting missing values. In this review, we suggested that the fusion of DIA with the
complement reporter ion approach might be able to unite the best of both worlds.
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Figure 1: Outline of peptide identification with shotgun proteomics.
A) A sample of proteins is digested by trypsin, which cleaves peptide bonds at the C-

terminus of lysine and arginine residues. The example peptide EIQTAVR, which we follow
throughout this figure, is shown in blue. To reduce complexity, the peptides are separated by
liquid chromatography (LC), ionized via electrospray, and injected into the mass
spectrometer (MS). B) Plotted is the chromatogram of the most abundant peak at each
retention time. The blue and green peptides elute at different retention times. C) At any
given time, e.g., when the blue peptide elutes, multiple different peptides co-elute. The mass
spectrometer can typically distinguish them by their mass to charge ratio (m/z). The mass
spectrum of the intact peptides is called the MS1 spectrum. The peak corresponding to the
peptide EIQTAVR is highlighted in blue. D) In complex mixtures, mass alone is not enough
for peptide identification. Inside the mass spectrometer, a peak corresponding to a peptide is
isolated and fragmented by collision with inert gas. The fragment ions’ m/z values, derived
from the blue peptides, are recorded in the MS2 spectrum. By convention, peptide fragments
containing the N-terminus are called b-ions, while fragments with the C-terminus are called
y-ions. The characteristic masses of the fragment ions, together with the precursor mass
from the MS1-spectrum, are typically sufficient to identify a peptide unambiguously.
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Figure 2: Outline of label-free and SIL AC quantification.
A-C) Principles of label-free quantification. A) In label-free quantification, multiple protein
samples are digested with trypsin (which cleaves after K or R). The resulting peptides are
separated via liquid chromatography (LC) and ionized before entering the mass spectrometer
(MS). Shown throughout are two peptides. The one ending in K has equal concentration in
the two analyzed samples, and the one ending in R is concentrated 2-fold higher in the
experimental sample compared to the control. B) The MS1 spectrum records the number of
ions for various m/z values of the intact peptide eluting at a given time. C) The elution time
of a peptide takes ~20 seconds. During this time, ~10 MS1 spectra are collected, each
showing the peptide at potentially different intensities. The integration of this intensity over
time approximates the total number of ions ionizing into the mass spectrometer. D-F)
Principles of MS1 based quantification via heavy isotope labeling (e.g., SILAC). D) In
SILAC, cell samples are grown either in media with amino acids with naturally occurring
isotopes (light) or media where amino acids (K and R) contain heavy isotopes (here 6).
Importantly, the heavy isotopes do not alter the chemical properties of the peptides. Cells are
lysed and combined. The proteins are digested together, and the resulting peptides are
simultaneously separated via LC and ionized before entering the mass spectrometer. E)
Peptides in the heavy sample are shifted to the right on the MS1 spectrum compared to those
from the light sample. Ratios between peak sizes within one spectrum can thus be used for
relative quantification. F) To utilize all available information, typically the ion intensity is
integrated over the entire elution profile.
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peptides as possible, one at a time. The highest peaks in the MS1 spectrum are selected for

isolation, with an isolation window of ~1 Th. Peptides in this window are isolated and
fragmented for readout in the MS2 spectra. B) Shown is the sequence of MS1 spectra

(black) and the data-dependent MS2 isolation windows (dark red), centered on the highest
abundant peaks. Each MS1 is followed by multiple MS2 spectra - with current
instrumentation and duty cycles of ~2 seconds this would be ~30 MS2 spectra following

each MS1 spectrum. C) The MS2 spectrum resulting after isolation and fragmentation

consists mainly of b- and y-ions from the target peptide, which allows for comparatively
simple peptide identification. D) For quantification, e.g., with label-free approaches, the
peptides in the MS1 spectrum are continuously monitored via the peak intensities in the
MS1 spectra. Shown are the retention profiles for various peptides - the area under this curve
is typically used for peptide quantification. The black line represents the single MS1 scan
shown in B. E) Shown here are peaks for the b- and y-ions for the green and blue peptide. A
peptide is typically only isolated once for MS2 analysis, the peak height cannot be used for
quantification. Not all peaks in the MS1 will trigger the collection of an MS2 spectrum
(peaks for the red peptide are missing). Additionally, low-abundance peaks might be below
the detection limit in the MS1 spectrum and thus cannot trigger MS2 spectra. The dark red
line represents the single MS2 scan shown in C. F-J) Data-Independent Acquisition (DIA).
F) The goal of DIA is to continuously collect fragment ion intensities for all eluting
peptides. To make this approach compatible with current MS speed requires significantly
wider isolation windows (~10 Th) compared to the DDA approach (~1 Th). All the ions
within this comparatively wide isolation window are isolated and simultaneously
fragmented. G) Shown is the schedule of MS1 spectra (black) and the isolation windows of
MS2 spectra (red). H) The simultaneous isolation and fragmentation of multiple peptides
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results in a complex MS2 spectrum consisting of b- and y-ions from all isolated peptides. I)
Similarly to DDA, MS1 intensities of peptides are collected and can be used for
quantification. The black line indicates the time for the MS1 spectrum in G. J) Unlike in the
DDA equivalent, ion intensity information for b- and y-ions are available throughout the
entire elution profile for each peptide. This makes it possible to use fragment ion intensities
for quantification. Because the entire m/z space is continuously covered, information for
more peptides than with the DDA approach is available. Here, the red peptide’s abundance
can be quantified. The dark red line represents the single MS2 scan shown in H
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Figure 4: Outline of multiplexed proteomicswith isobaric tags.
A) Isobaric tags have the same total mass, but differing distributions of heavy isotopes

between the reporter group and mass balancer. Heavy isotopes are shown as asterisks.
Peptides from 4 different samples are labeled with tags of the same mass, resulting in a
single MS1 peak which can be isolated. With more tags (conditions), the complexity of the
MS1 spectrum does not increase. This makes isobaric tags compatible with higher
multiplexing (currently up to 11) compared to e.g., SILAC (see Fig. 2). B) After a peptide is
isolated based on the MS1 spectrum, fragmentation will either cleave off the reporter ions,
or lead to fragmentation of the peptide backbone. The reporter ions show different masses in
the MS2 spectrum and can be used for relative quantification. Similarly, the intact peptide
with the balancing groups, i.e., the complementary reporter ions, can also be used for
quantification. The b- and y-ions are used for peptide identification (see Fig. 1).
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Figure 5: The problem of multiplexed proteomics: ratio distortion.
A) Even when using the smallest technically possible isolation window centered on a

peptide of interest (red and dark blue), in a real experiment, other peptides with similar m/z
and retention time will be co-isolated (pink and light blue). These interfering peptides will
also be labeled with identical isobaric tags. B) Upon co-isolation and co-fragmentation, in
the MS2 spectrum the low m/z reporter ions are identical, regardless of origin, and distort
the quantification. Most background peptides tend to not change, showing a 1:1 ratio
between control and experiment. The observed ratio for a peptide of interest, which changes
2-fold between control and experiment, will typically be compressed towards a 1:1 ratio.
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Figure 6: Strategiesto overcomeratio distortion.
A-C) Overview of the MultiNotch MS3 approach A) The MultiNotch MS3 method acquires

an MS2 spectrum similar to the standard approach by isolating a target peptide (red and dark
blue), along with interfering peptides (pink and light blue). This spectrum is used for peptide
identification. B) Instead of quantifying the reporter ions in the MS2 spectrum, the highest
abundant peaks, which typically are b- and y-ions from the peptide of interest, are
simultaneously isolated and further fragmented for an MS3 spectrum. C) Reporter ions in
the MS3 spectrum are used for quantification. The additional gas-phase purification
typically leads to removal of most interfering signal. While not perfect, the measured ratios
are typically significantly more accurate than with a standard MS2 approach. D-E)
Overview of the complementary reporter ion quantification strategy. D) For the
complementary reporter ion method, a standard MS2 spectrum is acquired, which will co-
isolate and co-fragment the peptide of interest and interfering species. E) The low m/z
reporter ions show interference, as discussed in Figure 5. However, this method involves
analyzing the complement reporter ions in the MS2 spectrum, where the peptide is still
attached to the mass balancer group. Since the target peptide and interfering peptides
typically have slightly different masses, this allows them to be distinguished with a high
resolution mass analyzer like an Orbitrap. The results are significantly more accurate
quantification compared to MS2 and even the MS3 approach. While interference still will
occasionally lead to ratio distortion, to our knowledge this method currently generates the
most accurate data.
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Figure 7: Overview of isobaric tags.
In each structure, asterisks denote heavy isotopes. The black part of the structure indicates

the reporter part, the balancing group is blue, and the leaving group, which is removed after
the tag reacts with the peptides, is red A) The original 2-plex TMT from Thompson et al. B)
Current commercial TMT, which can encode up to 11 different conditions (See Fig. S1 for
heavy isotope distribution). C) In the iTRAQ structure, the marked oxygen can be either 160
or 180. D) The Dileu-tag is a 4-plex tag developed by Xiang et. al. E) Braun et al.
developed combinatorial tags. These tags generate multiple reporter ions, which allows for
high multiplexing capacity for a given number of heavy isotopes. After fragmentation at the
shown cleavage site reporter 1 forms. However, this further fragments into reporter 2 and a
neutral loss. F) Stadlmeier et al. developed the sulfoxide-based tag, which is optimized for
complement reporter ion formation due to fragmentation of the sulfoxide bond at lower
energies. The two tertiary amines result in higher charge states of peptides after ionization
and further facilitate fragmentation. G) The EASI-tag developed by Winter et al. similarly
fragments comparatively easily. The “reporter” part of the EASI-tag is a neutral loss.
Therefore, quantification with the EASI-tag is only possible via the complement reporter
ions.
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Figure 8: Proposed fusion of DIA with multiplexed proteomics.
A) Peptides would be labeled with isobaric tags similar to a normal multiplexing

experiment. For sake of simplicity, we only show two conditions. Like in a normal DIA
workflow, all the peaks within a certain wide m/z window in an MS1 scan are co-isolated.
This window contains multiple peptides, which will all be simultaneously isolated and
fragmented into an MS2 spectrum. For simplicity, only two peptides are shown in detail,
depicted with solid and dashed outlines. B) In the MS2 spectrum, the low m/z reporter ions
cannot be used for quantification since the reporter ions of all co-isolated peptides will be
identical. However, simultaneous quantification is possible via the peptide complement
reporter ions. Additionally, complementary b- and y-ions that additionally lost their reporter
group can also be used for peptide specific quantification. C) The continuous monitoring of
peptide complement reporter ions and b- and y-fragment complement reporter ions allow the
relative quantification of multiplexed abundances even between various runs. Additionally,
the number of missing values in samples larger than the multiplexing capacity of a single tag
should be drastically reduced.
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